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PREFACE

The African trypanosomiases of man and animals
constitute not only a human health hazard but impose a
major constraint on livestock production and general
agricultural development over an estimated 10 million
square kilometres of the African continent. Much of this
land is potentially highly productive but its full economic
development is being denied because of the impact of this
group of diseases on man and his livestock.
Technological advances resulting from research
over the past few decades have broadened the frontiers of
our knowledge of both tsetse and trypanosomiasis control.
This has enabled us to look to the future with some
optimism for bringing major portions of Africa into
productive use and for thus improving the quality of life
of the human population.
Against this background, FAO has launched a
large-scale activity entitled the Programme for the
Control of African Animal Trypanosomiasis and Belated
Development. As its title implies, the Programme's
objective is not limited to the control of the disease
or its vector; it also embodies a major drive toward
implementation of sound land use programmes and general
rural development.
In its preparatory phase from 1975 to 1979 the
Programme has laid emphasis on training, applied research,
pilot control projects, the environmental impact of control
procedures, the rearing of trypanotolerant cattle, the
mobilization of resources and services, and the
establishment of the necessary coordination and management
structures. These were the prerequisites for the expanded
field activities which are to be undertaken. And here
acknowledgement must be made of the active support of
international organizations, research institutes, bilateral
donor governments and agencies, as well as the affected
countries, towards the fulfilment of the basic requirements
of the Programme.

Training activities, so far, have been mainly in
the form of seminars, and relatively short, intensive
training courses aimed at the leadership component for
tsetse and trypanosomiasis control. It has become increasingly apparent that there is a need for more training
of control personnel at field level in order to satisfy
manpower requirements for the implementation of control
projects in the foreseeable future. With this in mind,
FAO has undertaken the compilation of a document on tsetse
control that is more comprehensive in scope than existing
literature, being designed for use throughout Africa in
the training of tsetse control personnel, especially in
the more practical aspects of their work.
The Training Manual for Tsetse Control Personnel
is published in three volumes in both English and French.
Volume I covers tsetse biology, systematics and distribution; Volume II deals with behaviour and ecological
requirements of tsetse on a species by species basis, with
the length of text on the various species being in
proportion to their relative economic importance; and
Volume III is devoted to an account of control methods.
We do not claim that this edition is perfect. We
trust that constructive criticism will be forthcoming for
improvement of subsequent editions.
Special thanks are due to the Editorial Board
and to the numerous contributors for the preparation of
material and to the Editor, Dr. J.N. Pollock, for the
excellent presentation of the contributions.

R.B. Griffiths
Director
Animal Production and Health Division
FAO, Rome

TABLE OF CONTENTS
Page
INTRODUCTION ..............................
CHAPTER 1 - EXTERNAL ANATOMY OF GLOSSINA. ..

1
4

1.1 Cuticle ..........................

4

1.2 External appearance .................
1.3 Head ..............................

4
7

1.4 Thorax ...........................

9

1.5 Abdomen ..........................

13

CHAPTER 2 - INTERNAL ANATOMY AND PHYSIOLOGY .

15

2.1 Digestive system ...................

15

How the food is used ................
Nervous system ....................
Reproductive system ................

19
20
21
21

CHAPTER 3 - LIFE CYCLE ...................

26

3.1 Mating ...........................

26

3.2 Egg stage .........................
3.3 Larval stages .....................

26
27

3.4 Larviposition (birth of the larva). . .
3.5 Pupa ..............................

29
30

3.6 Adult fly ........................
3.7 Rate of reproduction ...............

30
31

CHAPTER 4 - GLOSSINA SYSTEMATICS ...........

32

4.1 Species and subspecies ..............

32

4.2 Genus and species names .............

33

2.2
2.3
2.4
2.5

Endocrine system

..................

Page
4.3 How a species gets its name ........

33

4.4 Family name ........................

34

4.5 Species groups

34

....................

4.6 List of Glossina species and
subspecies,with international symbols
and colour references .............
CHAPTER 5 - DISTRIBUTION OF GLOSSINA .......
5.1 General notes

34
38

.....................

38

5.2 Distribution of morsitans group
5.3 Distribution of paipalis group
i .............................
i
Africa

39

5.4 Distribution of fusca group species
Africa .............................
5.5 Glossina species/country table......
5.6 Factors limiting distribution.......

43
46
50
58

CHAPTER 6 - HOSTS OF GLOSSINA AND
TRANSMISSION
6.1 Main hosts .........................

63

6.2 Trypanosomes........................

69

6.3 Diseases ...........................
6.4 Source (reservoir) of infection.....

79
86

6.5 Transmission of trypanosomes to new
hosts
CHAPTER 7 - BASIC TECHNIQUES FOR THE STUDY OF
GLOSSINA IN THE FIELD ...............

63

86
91

7.1 Collecting and studying pupae.......

91

7.2 Collection of tsetse flies by hand
and by traps........................
7.3
Sex determination .......101

93

7.4 Methods of studying resting flies ... 101

Page
7.5 Recognition of teneral and ncnteneral flies....................... 103
7.6 Hunger staging...................... 103
7.7 Marking flies for release and
studies ............................ 107
7.8 Fly-rounds ......................... 110
7.9 Stationary catches by a catching
(picket) ........................... 117
7.1 Composition and interpretation of
fly samples ........................ 119
CHAPTER 8 - BASIC TECHNIQUES FOR THE
STUDY OF GLDSSINA IN THE LABORATORY
123
8.1 Maintenance of live pupae ......... 123
8.2 Handling, storage and transportation
f
living
flies........................ 123
8.3 Preservation of dead material ...... 128
8.4 Insemination rate and pregnancy rate
determination....................... 132
8.5 Age determination .................. 134
8.6 Blood meal identification .......... 134
8.7 Trypanosome infection rate
149
determination
8.8 Measuring the size of Glossina...... 154
CHAPTER 9 - DESCRIPTION AND KEYS FOR THE
IDENTIFICATION OF GLOSSINA SPECIES
156
9.1 Introduction ....................... 156
9.2 Care and use of hand lens

157

9.3 Characters useful in the
Of Glossina species
157
9.4 Regional keys........... ' .......... 172
9.5 Description of the more important
176
species

Page
9.6 Identification of pupae .......

199

CHAPTER 10 - MISCELLANEOUS TECHNIQUES ..
10.1
10.2
10.3
10.4

Microscopy .....................

202
202

Meteorology ....................
Preparation of reports ........

213
222

Maps, map making and
231
10.5
Aerial surveys and photography
as aids in tsetse survey ...... 247

INTRODUCTION
This Manual is intended to be of use mainly in the
training of people concerned with the practical side of
tsetse control.
Tsetse flies are important because of their ability to spread diseases among man and among domestic
animals. The tsetse flies feed only on blood, and in
the act of piercing the skin and drawing blood, the
flies pass on the blood parasite Trypanosoma to previously uninfected animals or men, causing the disease
trypanosomiasis which can be fatal if untreated.
Very large areas of Africa are without cattle
because of the presence of the tsetse fly and their
trypanosones. This means that the orderly economic
development of these areas is prevented. A small farmer
in a tsetse area cannot use draught oxen to bring more
fields under cultivation, and he cannot improve his land
with cattle dung. Cattle owners in land near to tsetse
belts must always fear outbreaks of the disease, and try
to maintain control by drug treatment of his cattle or
by other means. Movement of cattle through tsetse belts
to reach new grazing grounds or markets greatly
increases the risks of infection and loss.
Men also may become infected with trypanosomiasis.
The human disease is called sleeping sickness. In large
areas of Africa this disease is endemic, that is, it is
present but at a low level. In such places the disease
is simply another of the many health problems faced by
the rural population. But sleeping sickness, whether of
the western (Gambian) form, or of the eastern
(Rhodesian) form, may in certain places break out into
epidemics, with the most serious consequences for the
people living there. Villages may have to be abandoned,
and whole areas may become depopulated. Places that
were once established communities may give way to bush
once more, and many people may die.

There are several methods that may be used to try
to reduce trypanosomiasis and its effects; no doubt a
combination of these methods will be used in any campaign
carried out on a continental scale. One is to use drugs
that cure the disease, or prevent it from becoming
established in people or in domestic animals. Although
these drugs are extremely useful, they have certain
disadvantages. Drugs can be quite expensive. It can be
difficult to arrange for all cattle to be injected at
the right time. Mast serious of all is the danger that
the diseases, or rather the parasites (trypanoso-mes)
that cause the diseases, will in time become resistant to
the drugs used against them.
Another method that may help is to use trypanotolerant cattle, that is, to use special breeds of
cattle (such as Muturu and N'Dama) that have a natural
ability to survive in tsetse-infested country. Unfortunately, the introduction of such breeds is expensive
and the animals are not necessarily as productive as
Zebu or other breeds, nor as useful when used as draught
oxen. Therefore, although the possibility of the wider
use of trypanotolerant cattle is being carefully studied,
there are several very important problems still to be
solved.
For the human disease, careful medical checks
(screening) of the population, followed by the treatment
and cure of detected cases, help towards control. However, complete eradication of the disease from an area
has never been achieved by this method. If the screening
becomes neglected for one reason or another, for instance
because of the shortage of medical staff, then the
disease can build up into an epidemic and so affect large
numbers of people.
This leaves the possibility of controlling trypanosomiasis by getting rid of the tsetse fly. If all
tsetse flies in Africa could be exterminated, then the
human disease, sleeping sickness, could be removed. Most
of the livestock trypanosomiasis would also disappear,
though probably some would continue to be transmitted by
other kinds of biting fly. In fact, it would not be
necessary to attack all species of tsetse, only

those that are important in transmitting disease to man
and livestock. Even so, the task of substantially
reducing the vast tsetse belts in Africa is a very large
one indeed. To succeed, it needs the development of
cheaper, safer and more efficient methods of control,
and the provision of skilled manpower to put these
methods into operation.
Training of tsetse control personnel is therefore
an essential part of any large programme to remove the
threat of trypanosomiasis from Africa or to reduce it
substantially. The aim of this Manual is to assist in
the training of tsetse control personnel by setting out
the basic facts of tsetse biology, structure, behaviour
and ecology, and of the main methods available for tsetse fly control; undesirable side effects of control
methods are also described, and a responsible approach
to this many-sided problem is encouraged.
Trainees in the tsetse control field should
understand that both the techniques and the ideas now in
fashion may be replaced by improved ones as our
understanding of rural development and tsetse control
methods increases. This will mean that certain parts of
this Manual will soon become out-dated and in need of
revision.

CHAPTER 1
EXTERNAL ANATOMY OF GLOSSINA

The word anatomy means the structure
of the b o d y , i n t h i s c a s e , o f t h e t s e t s e
fly.
1.1

CUTICLE

Like all other insects, the tsetse fly has a
tough outer covering or cuticle. The whole of the body
is covered with cuticle, even the eyes. Mast parts are
hard, but some areas remain flexible, especially the
base of the wing, the joints on things and where the
mouth parts join on to the head; these parts can therefore be moved easily. The cuticle on the underside
(ventral side) of the abdomen in the tsetse fly is elastic, so that it can stretch when the abdomen takes up
the large blood meal (see 2.1.6).
Movements of the legs are controlled by muscles
attached to the inside of the cuticle of the legs; rapid
movement of the wings for flying is controlled by very
large muscles in the thorax.
1.2

EXTERNAL APPEARANCE (Figures 1.1, 1.2)

The tsetse flies are nearly always some shade
of brown or grey-brown; sometimes there is a slight pink
or sandy-red tinge. Several species are very dark. The
body usually has darker and lighter patches, making the
insect difficult to see when it is settled on bark, rock
or soil. At rest, the tsetse normally appears quite slim
because the wings are placed one over the other on the
back (Figure 1.3), not projecting outwards at an angle
to the body as in house flies or most blowflies.
Immediately after a blood meal the tsetse abdomen is
large, rounded and red.
The body is made up of three main parts: the
head, the thorax (to which are attached the wings and
legs) and the abdomen. These parts will now be described
in greater detail.

Fig. 1.1

Diagram of Glossina, dorsal view, with
wings spread out.

Fig. 1.2

Diagram of Glossina, side view, with
wings folded.

Fig. 1.3

Glossina, dorsal view, with wings folded.

1.3

HEAD (Figure 1.4)

1.3.1
Compound eyes On the head is a pair of large
compound eyes. Each of these eyes is composed of thousands
of small units, called ommatidia (singular: ommatidium).
The part of the ommatidium that forms the surface of the
eye is the lens. The lenses near the midline of the head
are slightly larger than those at the sides of the head.
The compound eyes of some species are said to be able to
detect moving objects at 137 metres (150 yd). They are
very good for nearer vision and a small movement near
the insect can make it fly off. The compound eyes are
dark brown in the living fly.
1.3.2
Simple eyes At the top of the head are three
simple eyes or ocelli (singular: ocellus); these are
also sensitive to light, but their exact function is un
certain.
1.3.3
Antennae (Figure 1.5) There are two antennae
placed at the front of the head in a depression between
the two compound eyes. Each antenna has three segments
of which the third is the largest, and bears the arista.
The arista is a long thin structure like an
eyelash, but has a row of branched hairs on its upper
side.
The third antennal segment also has on it two
small holes leading to the olfactory pits, which contain
many sensilla (sensory hairs) that can small the air. The
antenna is therefore an organ serving the sense of smell.
1.3.4
Ptilinai suture (Figure 1.4) This is a thin
line that partly surrounds the part of the face carrying
the antennae. It marks the place where the ptilinum
(a balloon-like structure) catties out when the fly begins to
emerge from the pupa (see 3.6.1). After emergence the
ptilinum is folded back inside the 'head, and only the
ptilinal suture can be seen from the outside.

Fig. 1.4

Diagram of head of Glossina, view from
the front. Most of one arista has been
left out in order to show the ptilinal
suture more clearly.

Fig. 1.5

Antenna of Glossina; 1, 2, 3: first,
second and third segments of the antenna.

1.3.5 Mouthparts The mouthparts (Figures 1.6, 1.7,
1.8) are very important to the life of the fly. They are
long and narrow and can pierce the skin of an animal, so
that blood can be sucked up into the fly; at the same
time saliva can be passed down the mouthparts into the
animal being fed on.
When the fly is not feeding, all the mouthparts
are held so that they point forwards from beneath the
head.
A pair of maxillary palps help to protect the
more delicate proboscis or haustellum which lies between
them when it is not in use.
Ihe proboscis is very narrow (Figure 1.6) • It
is made up of three parts, the labium, the labrum and
the hypopharynx (Figures 1.7, 1.8).
1.3.5.1 Labium The labium is the thickest of these very
thin structures. At the free end it has a large number
of very small teeth (labellar teeth). The teeth can cut
their way through the skin of an animal, so that the fly
may suck blood. The other end of the labium, where it
is attached to the head of the fly, is swollen. This
part (the thecal bulb) contains the muscles that cause
the teeth to move.
1.3.5.2 Labrum The labrum forms a tube through which
blood is sucked up from the animal being bitten. The
tube is called the food canal.
1.3.5.3 Hypopharynx The hypopharynx is an extremely
narrow tube through which saliva is pumped into the host
animal as the fly feeds.
1.4

THORAX (Figures 1.1, 1.2, 1.3)

The thorax in the mature fly is covered by stiff
cuticle. The three pairs of legs are attached to the
underside of the thorax, and the two wings are attached
to the top of the side walls of the thorax.

Fig. 1.6

Side view of head of Glossina;
A, with the mouthparts in the resting
position;
B, with the haustellum lowered.

Fig. 1.7 Side view of head of Glossina, with the
mouthparts spread out artificially.

Fig. 1.8 Cross section of the haustellum of
Glossina.

Fig. 1.9 Leg of Glossina.

Fig. 1.10 Wing venation of Glossina; 1, 2, 3, 4:
first, second, third and fourth wing
veins.

Just behind the wings, and close to the point where
the thorax joins on to the abdomen, are the pair of
halteres.
1.4.1
Legs (Figure 1.9) Each of the legs consists
of the following segments: coxa, trochanter, femur,
tibia and five tarsal segments. The last tarsal
segment has two claws and two pulvilli (pads). The
coxa is fixed to the thorax and cannot be moved.
1.4.2
Wings (Figure 1.10) At rest, the two wings
lie one on the other over the back of the abdomen (Fig
ure 1.3). Each wing has a strong leading (front) edge
supported by sane of the wing veins; the trailing
(rear)edge is weaker so that the wing membrane may
easily be come torn and uneven, especially in older
flies (see 8.5.1).
The wing veins form a particular pattern that
is characteristic of the tsetse flies:
(a)
(b)
(c)

Vein 1 is very long.
Veins 2 and 3 are very close
together throughout their length.
Vein 4 has a strongly curved basal
part,before it meets with the anterior
cross
vein. This causes the cell (area of
wing enclosed by veins) immediately
after vein 4 to take on a peculiar
shape; it is known as the 'hatchet'
cell.

1.4.3
Halteres These are two club-shaped organs
just behind the base of the wings. They vibrate when
the insect is in flight, and help it to steer. They
are a sense organ of balance.
1.4.4
Thoracic spiracles There are two pairs of
spiracles (or breathing holes) in the sides of the
thorax; one pair is just above the point of
attachment of the front legs, the other pair is near
the base of the halteres.

1.5

ABDOMEN (Figures 1.1, 1.2)

In the resting fly, the abdomen is covered
over by the wings. It has seven visible segments, or
parts, and in the male there is, in addition, an extra
structure (hypopygium) folded beneath the last two segments (see 1.5.1). On the dorsal (upper) side of the
abdomen there are strong plates (each plate is called a
tergite), one for each segment; but the ventral side is
made of highly elastic cuticle, which can stretch to
allow the abdomen to carry the enormous blood meal, and
in the case of the female, the large larva. Remains of
the blood meal can often be seen within the abdomen if
examined from the ventral surface (see 7.6.1) .
There are seven pairs of spiracles (breathing
holes) along the sides of the abdomen. The anus is at
the posterior end of the abdomen.
1.5.1
The male genitalia (Figures 1.11, 1.12) The
word genitalia means parts used for mating. When the
male tsetse fly is looked at from the ventral side, a
rounded structure can be seen at the posterior end of
the abdomen. This is the hypopygium. Just in front of
the hypopygium is a plate bearing dark hairs called
hectors.
Both these structures make it easy to tell
which flies are males (see 8.2). The hypopygium and the
hectors help the male to hold on to the end of the female
abdomen during mating. At the start of mating, the
hypopygium of the male unfolds, uncovering the superior
claspers, the inferior claspers and the penis (or aedeagus).
1.5.2
The female genitalia (Figure 1.11) The end of
the female abdomen does not have large obvious structures
corresponding to the male hypopygium and hectors. But
there is a small hole (vulva) through which the larva
emerges. This hole may have a few small plates around
it; the number and arrangement of these plates can, in
some cases, help an expert to identify the species.

Fig. 1.11 Difference between the posterior end of the
abdomen in male and female Glossina, ventral
view.

Fig. 1.12 Side view of male abdomen of Glossina,
to show structures uncovered when the
hypopygium opens up.

CHAPTER 2
INTERNAL ANATOMY AND PHYSIOLOGY
Physiology is the part of biology that
describes how the body and its parts work.
2.1

DIGESTIVE SYSTEM (Figure 2.1)

2.1.1
Salivary glands and saliva The tsetse fly has
two salivary glands. The main part of each gland lies
in the anterior part of the abdomen and it sends forward
to the head a very narrow tube that joins with the one
from the other side, before entering the hypopharynx
(see 2.1.2).
When the fly feeds, saliva is sent forward from
the glands and so down the length of the hypopharynx. It
mixes with the blood meal as this is sucked up from the
host's body. Saliva contains an anticoagulant, a substance that helps to prevent the blood meal from clotting
in the mouthparts and anterior part of the alimentary
canal.
2.1.2
Labellar teeth (Figure 1.7) There are
hundreds of very small sharp labellar teeth at the end
of the labium. The teeth help to cut into the skin of
the host. As the proboscis moves through the skin, the
teeth cut the walls of small blood vessels (capillaries)
and release the blood from them, forming a pool of blood
under the skin (pool feeding).
2.1.3
Pharynx The released blood is drawn up the
food canal by the action of the muscles of the pharynx.
When the fly is feeding, strong muscles in the head
contract to make the space inside the pharynx larger, and
this pulls blood up into the pharynx. When the muscles
relax, the pharynx returns to its usual size, and the
blood meal is sent on to the next part of the alimentary
canal, the oesophagus.

Fig. 2.1 Diagram to show the arrangement (simplified) of
the digestive system in Glossina. Ventral view
of body, side view of head.

Fig. 2.2 Diagram to show the internal structure of
the proventriculus of Glossina. Arrows
show the route that the blood meal makes
to get from the crop into the midgut.

2.1.4
Oesophagus This is a simple tube carrying the
blood meal from the pharynx to the proventriculus in the
thorax.
2.1.5

Proventriculus and peritrophic membrane
(Figure 2.2) The proventriculus is a small
but important muscular organ. Most of the blood taken up
in a blood meal flows straight past the proventriculus to
the crop, where it is stored. Afterwards, the blood meal
passes back from the crop to the proventriculus where it
is redirected into the midgut. As this happens, the
proventriculus makes a very thin sleeve, or peri-trophic
membrane, which encloses the blood meal as it passes
along the midgut.
2.1.6
Crop (Figure 2.3) When the crop takes in the
blood meal, it expands enormously and fills up most of
the space of the swollen abdomen, which therefore appears
rounded and bright red immediately after the blood meal.
Then the blood passes to the midgut, and the bright red
colour gradually disappears, to be replaced by a brown,
almost black, colour as digestion proceeds in the midgut.
2.1.7
Midgut As the blood enters the midgut much
water is removed. This is rapidly passed out at the anus,
as clear drops. The anticoagulant action of the saliva
is destroyed, and digestion begins. These processes
result in the bright red colour of the blood meal changing
to dull red or dark brown. The abdomen may appear almost
black from the ventral side, at this stage. Digested
food gets into the insect's haemolymph by passing through
the paritrophic membrane and the midgut wall (see 2.2.1,
2.2.2, 2.2.3)
2.1.8
Hindgut At the level where the Malpighian
tubules join the alimentary canal, the midgut changes to
the hindgut. Here the undigested food is mixed with the
product of the Malpighian tubules.
2.1.9
Anus The waste material in the last part of
the hindgut (rectum) is sent out through the anus, as
faeces or droppings.

Fig. 2.3 Diagram to show the crop and midgut of
Glossina in side view: A, immediately
after taking a blood meal; B, some
hours later.

2.2

HOW THE FOOD IS USED

2.2.1
Digestion of the blood meal Digestion is the
conversion of insoluble food materials into simpler
soluble substances. This conversion has to be done
before the body can use the food. It is carried out by
digestive enzymes, which are protein substances produced
by the gut in small amounts; enzymes in general assist
all the breaking down and building up processes that are
continually taking place in the body.
The main food content of the blood meal that has
to be digested is the protein part; there is little fat or
carbohydrate in the blood meal. Proteins are digested by
digestive enzymes in the middle part of the midgut to form
amino acids, which are simple substances that can pass
through the gut wall.
The blood meal provides the entire food supply of
the tsetse fly.
2.2.2
Assimilation The absorption of soluble
digested food into the body is called assimilation.
Most of this takes place through the wall of the last
part of the midgut.
2.2.3
Circulation: function of the blood system
Digested and assimilated food gets from the midgut to the
rest of the body by means of the blood system. This
consists of a liquid, haemolymph (blood), trickling
through the body and its tissues, driven by a simple
tubular heart (or aorta) which lies along the dorsal side
of the body. Haemolymph does not carry oxygen in the
way that mammalian blood does.
Excretory materials are carried to the Malpighian tubules by the same means.
2.2.4

Respiration; function of the spiracles and
tracheae The release of energy from assimilated
food is called respiration. The tsetse fly needs oxygen to
release energy. For this purpose, all the tissues of the
body are supplied with tubes, called tracheae, carrying

air (which contains oxygen). The tracheae run from holes
in the sides of the body, called spiracles (see 1.3).
The larger tracheae of the abdomen can be seen
from the outside of an engorged fly, showing up as white
lines against the dark background.
2.2.5
Food for muscle building and feeding the larva
Whereas much of the food intake is used to provide energy,
some is used for purposes such as building up the flight
muscles of the thorax in the young fly, and feeding the
larva in the pregnant female.
2.2.6
Food storage: function of the fat body Any
quantity of amino acids in excess of these immediate
needs is converted to fat and stored in the fat body.
This is a network of cells containing fat, lying in the
spaces of the body, particularly in the abdomen. The
fat body is the main food reserve of the fly.
2.2.7
Excretion: function of the Malpighian tubules
(Figure 2.1) The process by which the breakdown products
of all the different activities going on in the body are
eliminated, is called excretion. These different activities include respiration, growth, repair, and conversion
of one material into another.
When the fly uses energy, either for building
new tissues or for movement, there has to be a breakdown
of some food into waste materials. Cue waste product is
carbon dioxide, and this passes out of the body through
the spiracles by diffusion. Other waste materials are
taken up from the insect's blood system by the Malpighian
tubules and passed into the hindgut. They are mixed with
the undigested food there and passed out of the anus as
faeces. Uric acid is the main excretory material in the
faeces.
2.3

NERVOUS SYSTEM

The senses and the behaviour of the tsetse fly
are co-ordinated by the nervous system. The fly is able
to see, small and feel with the aid of its sense organs.

These send messages along nerves to the larger masses of
nervous tissue in the head ('brain') and thorax
(ganglion), which co-ordinate the sensory messages coming
in, and send out other messages along other nerves to the
muscles of the body, so that the fly moves (behaves) in
an appropriate manner.
2.4

ENDOCRINE SYSTEM

Another message-sending system is the endocrine
system. There are small glands in different parts of the
body which release chemical substances (hormones) into
the haemolymph, causing an appropriate reaction elsewhere
in the body.
Processes such as pupation are under the control
of the endocrine system.
2.5

REPRODUCTIVE SYSTEM

Glossina reproduces by the female fly producing
eggs which hatch into larvae inside the body; these
later emerge from the body fully grown. In order that
the female fly may develop these eggs into larvae, the
male fly has to make sperm and transfer it to the female
(see 3.1).
2.5.1 Male reproduction system (Figure 2.4) The main
parts of the male reproduction system are:
(i) a pair of testes (ii) a pair
of accessory glands (iii) a sperm
pump
(iv) various ducts joining these other parts
together.
The main function of the male reproduction system
is to produce sperm and transfer these to the female, in
order to fertilise the eggs.
2.5.1.1 Testes A testis is a coiled tube in which sperm
is made and stored. The main part of the testis has a
covering of orange or brown material, which makes

Fig. 2.4 Part of the male reproductive system of
Glossina.

Fig. 2.5 Female reproductive system of Glossina.

it easy to see in dissections.

2.5.1.2 Accessory glands The accessory glands are
long, white, somewhat coiled structures in which
material other than sperm is produced. The exact
shape varies in different species. The glands produce
secretions which go to form the spermatophore, a bag
into which sperm are placed in the uterus at the time
of mating.
2.5.1.3 Sperm pump Sperm and accessory secretions
are passed over into the female during mating by the
muscular action of the sperm pump, a small structure
within the penis (see 3.1).
2.5.2 Female reproductive system (Figure 2.5) The
main parts of the female reproductive system are:
(i)
(ii)
(iii)
(iv)
(v)

a
a
a
a
a

pair of
pair of
uterus
uterine
pair of

ovaries
oviducts
gland or milk gland
spermathecae

The main functions of the female
reproductive system are:
(a)
(b)

to produce eggs, one at a time
to feed the resulting larvae until
they
are fully grown.

2.5.2.1 Ovaries An ovary is an organ in which the
eggs are made. Each ovary has two parts or ovarioles,
both of which can produce eggs. There are therefore a
total of four ovarioles. First, one of the ovarioles
in the right ovary produces an egg and passes this
down to the uterus. Then, 9 to 11 days later (more or
less according to temperature and to species), an
ovariole in the left ovary does the same. Later, the
second ovariole of the right ovary produces its egg,
and after that the second ovariole of the left ovary
does the same.

In this way a single egg is produced in the
female fly at intervals of about 9-11 days (more or less,
according to temperature and species (see 3.7).
The appearance of the ovaries can be used to
estimate the age of the fly (see Chapter 8).
2.5.2.2 Egg When the egg in the ovariole has reached
full size, it ovulates, that is, it breaks through the
membrane (follicle) surrounding it and passes down the
oviduct. It stops in the uterus. The size of the mature
egg varies according to species, but in Glossina morsitans
it is about 1.5 - 1.6 mm long. The egg is covered by a
thin coat, the chorion.
2.5.2.3
Oviduct Each oviduct is a muscular tube which
squeezes the mature egg from the ovary to the uterus.
There are two oviducts, one on each side, leading from
the ovaries to a short camion oviduct and hence to the
uterus.
2.5.2.4 Spermathecae A spermatheca is a small con
tainer in which are kept the sperm received during mating.
In the tsetse fly the female has two spermathecae: they are round and pale brown coloured. They lie
approximately between the two ovaries, but are joined
directly to the uterus by a pair of spermathecal ducts.
Fertilization is the coming together of sperm
and egg, which is necessary before the egg can begin its
development. Fertilization takes place immediately an
egg enters the uterus, by sperm from the spermathecae
coming into contact with the anterior end of the egg.
2.5.2.5 Uterus The uterus is a bag with highly folded
walls, that can unfold and stretch to accommodate the
larva as it grows. At the posterior end it leads to
the exterior via the vulva (see 2.8.2.8).
2.5.2.6
Milk gland or uterine gland The milk gland
is a much branched gland lying in the abdomen. It has

a duct leading into the uterus at a point close to where
the spermathecal ducts also enter the uterus.
The function of the milk gland is to provide a
secretion ('milk') on which the larva in the uterus
feeds. The branches of the milk gland became thick
during pregnancy, and thin again in periods between
pregnancies.
2.5.2.7
Choriothete This is a soft sticky platform
on the ventral side of the uterus, on which the egg comes
to rest when it enters the uterus.
2.5.2.8
Vulva The vulva is the external opening of
the female reproductive system, through which the mature
larva will eventually be expelled.

CHAPTER

3

LIFE CYCLE

3.1

MATINS

The mating of tsetse flies probably takes place
near to or on host animals. Male flies settle on the back
of the female, and the claspers at the posterior end of the
male abdomen grip the end of the female abdomen. This
position may be held for an hour or two, before the male
and female flies part company.
Females are mated young, before or at about the
time of taking the first blood meal. Females usually mate
only once in their lives but some may mate more than once;
males can mate several times. Older males are better able
to mate successfully than very young ones.
During mating, the male penis is inserted into
the vulva, reaching into the uterus as far as the exit of
the spermathecal ducts. A large ball of sperm is
deposited there in a spermatophore. At the end of mating,
the male releases his grip on the female and flies away.
In the next few hours sperm make their way up
from the spermatophore into the spermathecal ducts and the
spermathecae. Sperm remain active in the spermathecae for
the rest of the female's life.
3.2

EGG STAGE

The egg is fertilized immediately it
enters the uterus by sperm from the spermathecae
coming into cont-tact with and penetrating the anterior
part of the egg. The fertilized egg remains lying in the
uterus for about

four days, while development of the first instar
larva takes place inside. The egg is about 1.6 mm
long (Glos-sina morsitans).
3.3

LARVAL STAGES

As with other flies, the larva in Glossina
passes through several stages or instars, as it
grows. There are three larval instars in Glossina
up to the time when the fully grown larva is
dropped by the female fly: the first, second and
third instars. The larva has a mouth at the
anterior end, and two posterior spiracles. The
unusual feature of the Glossina life history is
that the larva spends practically all its time, and
does all its feeding, within the body of the female
fly (Figure 3.1 A).
3.3.1
First instar larva This is the stage
that emerges from the egg. It breaks out of the
chorion (see 2.5.2.2) using a sharp egg tooth.
The first instar grows to 1.8 mm
(G.morsitans) before changing to the next stage by
getting rid of its old skin. The first instar lasts
for about 1 day.
3.3.2
Second instar larva This is a stage of
rapid growth and development. To either side of the
posterior spiracles are swellings, and between the
spiracles is an area of small spines.
The second instar lasts two days, and
the larva grows to a length of 4.5 mm (G.
morsitans).
3.3.3
Third instar larva (Figure 3.1 B) This is
also a stage of rapid growth and development. The
fully grown larva has a pair of large black
swellings at the posterior end. These are the
polypneustic lobes, which
carry many small holes through which the larva
breathes.
The polypneustic lobes are at first white, becoming
black later. The rest of the larva is white in
colour. Most of the weight and volume of the third
instar larva is due to the gut which contains large
amounts of

Fig. 3.1

Side view of larva of Glossina, A, in
the uterus; B, mature larva after being
dropped by the female.

Fig. 3.2 Pupal stage and emergence; A, pupa; B,
young fly emerging from the pupa, with
ptilinum inflated in front of head.

unassimilated food. The third instar lasts just over two
days and the larva grows to a length of 6-7 mm (G. morsitans).
3.3.4
Feeding by the larva (Figure 3.1 A) Apart from
the food already in the egg, all the food of the three
larval instars comes from the milk gland of the mother fly.
The milky secretion of this gland is poured out of the
duct of the gland, at the head end of the larva. The
larva sucks up this secretion and passes it straight to
the midgut. Here it is slowly digested and assimilated.
3.3.5
Breathing by the larva For its air supply the
larva depends on air entering the vulva of the female
and then passing into its posterior spiracles or polypneustic lobes.
3.3.6
Abortion Sometimes a larva fails to reach its
full size and is expelled from the uterus before the
usual time. This is called an abortion. The aborted
larva dies. Abortions can be caused by the mother fly
not obtaining sufficient food, and may also occur when
the fly is carelessly handled, or when it comes into
contact with insecticide. The egg may also be aborted
for the same reasons.
3.4

LARVIPOSITION (BIRTH OF THE LARVA)

When the larva in the uterus is fully grown, the
female Glossina flies around looking for a suitable area in
which to drop it. This will usually be a place where there
is a patch of loose sandy soil, sheltered by an overhanging
rock, branch or twig. The female tsetse settles down
either on the ground or on the overhanging object. The
larva then works itself backward cut of the vulva of the
female, helped by pushing movements of the female's legs,
and drops to the ground. The larva burrows into the
ground and out of sight. The female flies away.
Within an hour or two the larva becomes barrel-

shaped, darkens and may then be called a pupa.
There is no feeding by the larva after it is
dropped by the female.
3.5

PUPA (Figure 3.2 A)

The pupa is a dark brown rounded object; at
the posterior end are the polypneustic lobes the shape of
which helps to distinguish the tsetse pupa from the pupae
of other flies. The pupa is slightly shorter than the
larva that produces it.
The hard case on the outside of the pupa is
called the puparium.
Inside the pupa two main processes take place:
(i) the food still remaining in the midgut
is digested and assimilated,
(ii) the organs of the adult fly begin to form.
The pupal stage usually lasts about four to five
weeks, according to temperature. Higher temperatures
shorten the pupal period; lower temperatures lengthen the
pupal period (to more than 50 days in some climates). Too
high or too low a temperature will cause the death of the
pupa.
At the end of this period, the adult fly is
ready to emerge.
3.6

ADULT FLY

3.6.1
Emergence of the adult fly (Figure 3.2 B) When
ready to emerge the young adult fly expands its ptilinum
(see 1.3.4) to burst open the end of the puparium. The
body works its way out of the hole so made, and also gets
through the surrounding soil by using the ptilinum. In
this way the young fly struggles to the top of the soil
and out into the open air.

At this stage the body is very soft and the
wings are small and crumpled. After a few urinates the
wings begin to expand to reach their proper size.
3.6.2
Teneral fly (see 7.5) From the time the fly
emerges to the taking of its first meal, the young fly
is called a teneral fly. The underside of the abdomen
appears whitish and semi-transparent, the ptilinum can
sometimes be everted when the sides of the head are
squeezed between the fingers, and the body has a soft
feel to it.
3.6.3
Non-teneral fly (see 7.5) After the first
blood meal has been taken, the underside of the abdomen
appears more creamy yellow, and when held up to the light
the dark shape of the last meal can be seen. The thorax
feels firmer and harder, because of the greater develop
ment of muscles in it. Ihe ptilinum cannot easily be
everted. The fly is then termed a non-teneral fly.
3.7

RATE OF REPRODUCTION

Once mated, a female can produce larvae for
the rest of her life.
At a temperature of about 25°C a female fly
will produce a mature larva every 9-10 days, except for
the first one which may take 18-20 days from the time of
emergence of the fly from the puparium (see 8.5.2 and
Figure 8.6). Lower temperatures give a lower rate of
breeding; higher temperatures increase the rate of
breeding. However, temperatures that are too high or
too low will cause breeding to stop altogether.

CHAPTER

4

GLOSSINA SYSTEMATICS

The word systematics means the way in which
animals and plants axe classified.
4.1

SPECIES AND SUBSPECIES

There are 22 different kinds or species of
tsetse fly living in Africa today. Some of these species
are divided again into subspecies, because of certain
minor but constant differences in their anatomy. For
most purposes, it is not necessary to distinguish between
subspecies.
A list of all species and subspecies of tsetse
would include a total of 30 names (see 4.6).
Amongst animals in general, all members of a
particular species will breed successfully with each
other, giving fertile offspring. But members of different species will not usually produce offspring, or if
they do, the offspring will not be fertile. For example,
when a male donkey breeds with a mare (female horse), the
result is a mule, which is not fertile. In the same way,
one species of Glossina will not breed successfully with
another species. Also, there are nearly always visible
differences between members of different species, so that
one can tell each species apart just by examining them.
Sometimes these differences are obvious, sometimes they
have to be locked for carefully.
The members of the same species will usually
look very similar to one another, although there will be
differences to do with age and sex. When we are sorting
out tsetse flies into different species, we do so according to their appearance. We may be able to sort them
out by eye, or we may need the help of a hand lens or
microscope (see Chapter 9 and 10.1).

4.2

GENUS AND SPECIES NAMES

The scientific name for the tsetse fly is
Glossina. All tsetse flies are called Glossina, and all
Glossina are tsetse flies.
Each different species of tsetse fly has its
own species name added on to the name Glossina. We may
speak of Glossina morsitans, Glossina fuscipes, Glossina
palpalis and so on. If we are writing down the names of
several species of tsetse fly, it is not always necessary
to write the word Glossina in full, but it may sometimes
be shortened to the initial letter. For example, we
could write Glossina morsitans, G. fuscipes and G. pal- '
palis, and it would be clear for the second two species
that we are still referring to Glossina.
The first name, Glossina, is called the name of
the genus, or the generic name. A genus (plural, genera)
is a group of closely related species. The second name,
e.g. morsitans, is the name of the species, or the
specific name.
When we write the generic or specific name of
an animal (or plant), it should be underlined (or if
printed in a book, written in italics).
4.3

HOW A SPECIES GETS ITS NAME

When a fly is found that does not fit into any
of the existing species it can be given a new name.
First it is examined very carefully to make
sure it is a new species that has not previously been
discovered. The points by which it differs from the
other species are carefully described and drawn. The
scientist who carries out this work can then choose a new
name for the fly. He must not give it a name that has
already been used for another species within the same
genus. The name and the description are then published.
He labels the specimen that he has described as a type
specimen. Type specimens are usually kept in museum
collections, not by private individuals.

Any other fly of the same species that may be
discovered later must be called by the name given to
that species.
The tsetse flies have been so well studied
that it is unlikely that any new species remain to be
found, although it is still possible. The last time a
new species was reported was in 1955, when Glossina
nashi was described and named.
4.4

FAMILY NAME

If there were any other genera closely related
to Glossina, we would put them into the same family. But
nowadays Glossina is regarded as being an isolated
genus and it is usually put into its own family Glossinidae.
(Appendix I lists a number of other important
families of flies that you should know about).
4.5

SPECIES GROUPS

The 22 different species of Glossina can be
arranged into three species groups. The species groups
differ in the construction of the male genitalia. These
differences can be seen in fresh specimens using a xl0
hand lens (Figure 9.6), but they can be examined in much
more detail using a microscope. There are certain differences between the groups in other parts of the anatomy
also. These differences are described in Chapter 9.
4.6

LIST OF GLOSSINA SPECIES AND SUBSPECIES, WITH
INTERNATIONAL SYMBOLS AND COLOUR REFERENCES

4.6.1
List of species and subspecies The following
is a complete list of Glossina species and subspecies as
currently recognised.

Morsitans group
Glossina langipalpis
Glossina pallidipes
Glossina morsitans
morsitans Glossina
morsitans submorsitans
Glossina morsitans
oentralis Glossina
swynnertoni Glossina
austeni
Palpalis group
Glossina palpalis
palpalis Glossina palpalis
gambiensis Glossina
fuscipas fuscipes
Glossina fuscipes
martinii Glossina
fuscipes quanzensis
Glossina tachinoides
Glossina pallicera
pallicera Glossina
pallicera newsteadi
Glossina caliginea
Fusca group
Glossina nigrofusca
nigrofusca Glossina
nigrofusca hopkinsi
Glossina fusca fusca
Glossina fusca
congolensis Glossina
fuscipleuris Glossina
haningtoni Glossina
schwetzi Glossina
tabaniformis Glossina
nashi Glossina vanhoofi
Glossina medicorum
Glossina severini
Glossina brevipalpis
Glossina longipennis

4.6.2
flies

Symbols and colour references for tsetse

There are internationally accepted symbols
and colours to be used to indicate the distribution
of tsetse fly species when maps are being prepared.
These are given below:

Species

Symbol

Colour

Morsitans group
Glossina longipalpis

Pale red

G. pallidipes
G. morsitans

Pale red
Pale

G. swynnertoni
G. austeni

Light
Dark

Palpalis group
G. palpalis

Brown

G. fuscipes
G. tachinoides

Mauve
Light

G. pallicera

Olive

G. caliginea

Yellow

Fusca group
G. nigrofusca

Orange

G.
G.
G.
G.
G.

Orange
Mauve
Dark
Brown
Light
blue

fusca
fuscipleuris
haningtoni
schwetzi
tabaniformis

Species

Symbol

Colour

Fusca group
G. nashi

Pale green

G. vanhoofi
G. medicorum

Pale green
Pale blue

G. severini

Brown

G. brevipalpis

Mauve

G. longipennis

Yellow

4.7

MALE AND FEMALE SYMBOLS

Symbols used to indicate male and female are
as follows:
male
female
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DISTRIBUTION OF
GLOSSINA

5.1

GENERAL NOTES

The field officer will normally use a map
of the tsetse distribution in his own country: the
National Map of Tsetse Distribution. This nap will
be revised from time to tine by national
headquarters.
The field officer will in the course of
his work make observations on the changes in fly
distribution in his area, and notify his head
office accordingly.
There are good reasons why the field
officer should take an interest in tsetse
distribution in areas wider than just his own
country (Map 5.9).
(a) Very often, tsetse belts continue
from one country to the next, across
the national boundary. Large scale
tsetse operations have to take this
into account,and often there will
have to be liaison between field
officers in adjacent areas that are
separated by international bound
aries. This kind of co-operation is
likely
to be more important in the future
than it has been in the past.
(b) Sometimes, an expansion of a tsetse
belt in one country may cause the
belt to come up to and cross an
international boundary.
Tsetse control personnel should
therefore be aware of the situation
in adjacent countries, and to be
prepared for these
possible developments.
(c) Knowing the continental distribution
of tsetse species gives the field
officer a greater understanding of
what stops the fly from spreading
further, and whether a spread beyond
the present limits in a particular
country is likely.

5.2

DISTRIBUTION OF MORSITANS GROUP SPECIES
(Flap 5.1O shows location of countries)

Morsitans group species do not live in the wettest areas (rain forest, mangrove swamp, see Volume II,
Chapter 1), but are present throughout much of the
savannah (grassy woodland) of Africa. Their distribution
appears to be limited by cold winter conditions in the
south (Zimbabwe, Botswana), and hot dry conditions in the
north of West and Central Africa. Where climatic
conditions are less severe, their distribution may be
limited by scarcity of game animals on which to feed and
by lack of trees.
Glossina morsitans (Map 5.1) is the most widespread species. Its distribution is not accurately known
in all countries. The subspecies G.m. submorsitans extends as a very large but broken belt throughout West
Africa, into southern Sudan, northern Uganda.and Ethiopia.
Very large belts of G.m. centralis occur in Zaire, Zambia,
Angola, Botswana, Tanzania, Rwanda and Burundi; belts of
G.m. morsitans occur in Tanzania, Mozambique, Zimbabwe,
Zambia and Malawi.
The boundary separating the two subspecies
G.m. centralis and G.m. morsitans corresponds roughly
with the Atlantic/Indian Ocean watershed.
Glossina swynnertoni (Map 5.1) is limited to
belts in Kenya and Tanzania between Lake Victoria and
the Indian Ocean.
Glossina pallidipes (Map 5.2) extends along the
Kenya and Somalia coastal regions and is abundant in
Somalia along certain river valleys. It is also present
in Ethiopia, Sudan, Tanzania, Mozambique, Zimbabwe,
Zambia, Zaire and Uganda.
Glossina longipalpis (Map 5.2) is present as a
broad belt in West Africa from Senegal to Nigeria, with
isolated belts on the Nigerian/Cameroon border and innorthwestern Zaire (Eguateur). In general, it occurs in
areas more to the south than the G. morsitans belts in
most savannah areas, although there is some overlap
between the two species.

Map 5.1 Distribution of Glossina morsitans
(in black) and the closely related G.
swynnertoni (stippled)

Map 5.2 Distribution of Glossina longipalpis
(west of the drawn line) and G. pallidipes
(east of the line).

Map 5.3 Distribution of Glossina austeni.

Glossina austeni (Map 5.3) occurs only in the
east coast countries of Somalia, Kenya, Tanzania,
Mozambique and northeastern parts of South Africa. It
has also been recorded from Zimbabwe.
5.3

DISTRIBUTION OF PALPALIS GROUP SPECIES IN
AFRICA

The palpalis group is mainly limited to the
very humid areas of Africa, the mangrove swamps, the
rain forest, the lake shores and the gallery forests
along rivers.
Members of this group, when they penetrate
generally drier areas, do not move far away from free
water (rivers and lakes): but in generally more humid
areas they may not have to live so close to free water.
Glossina palpalis (Map 5.4) lives in the more
humid areas of West Africa, from Senegal to Cameroon, then
south along the coast to Angola. In West Africa it
penetrates further to the north in Mali and Senegal, than
it does in Nigeria. In the part of its distribution from
Cameroon to Angola, it has a long common boundary with G.
fuscipes, with which there is little overlap.
Glossina fuscipes (Map 5.4) occupies a very
large inland block of Africa centred on Zaire, but covering some of the land in all of the countries surrounding
Zaire, as well as Gabon, Cameroon and the southern part of
Chad.
Glossina tachinoides (Map 5.5) is distributed
in a broad belt from Guinea in the west, to the Central
African Republic to the east. In addition, much further
to the east are some smaller isolated belts on the SudanEthiopian border. In Nigeria and Chad this species is
able to live further north than either G. palpalis or G.
fuscipes.
Glossina caliginea and G. pallicera are mainly
limited to mangrove and thick forest areas of West Africa,
as far east as Gabon.

Map 5.4 Distribution of Glossina palpalis and G.
fuscipes. The approximate boundary between
the two species is shown as a dashed white
line. There is a small amount of overlap
between the two species.

Map 5.5 Distribution of Glossina tachinoides

5.4

DISTRIBUTION OF FUSCA GROUP SPECIES IN AFRICA

The distribution patterns of the fusca group
species are of three main types.
(i) Distribution of Glossina longipennis
(Map 5.6)
This species is confined to Sudan (south
east comer), Ethiopia (southern border),
Somalia, Kenya, and Tanzania (north eastern
quarter). It inhabits generally rather dry
country.
(ii) Distribution of Glossina brevipalpis
(Map 5.7)
This species is widely scattered throughout
eastern parts of Africa, from Ethiopia and
Somalia in the north, to Mozambique and
South Africa in the south. There is a
large belt west of Lake Tanganyika, in
Zaire.
(iii) Distribution of the remaining fusca group
species (Map 5.8).
Taken together, the remainder of the fusca
group species are limited to the more
thickly forested areas of Africa, and so
have a pattern of distribution rather like
that of G. palpalis/G. fuscipes (Map 5.4),
with the difference that because fusca
group flies do not usually penetrate very
far up gallery forests, their distribution
is more limited than that pair. Some
species such as G. taba-niformis, G. nashi
and G. haningtoni are more restricted to
rain forests than other species such as G.
fusca, G. medicorum, G. fuscipleuris and G.
schwetzi,which are forest edge species.
Glossina medicorum may live in riverine
habitats in Upper Volta and Ivory Coast.

Map 5.6 Distribution of Glossina longipennis

Map 5.7 Distribution of Glossina brevipalpis

Map 5.8 Distribution of fusca group species
(excluding G. orevipalpis and G.
longipennis)

5.5

GLOSSINA SPECIES/COUNTRY TABLE

Country

Palpalis
Group

Marsitans
Group

Fusca Group

Angola

palpalis
fuscipes
pallicera

morsitans

Benin

palpalis
tachinoides

morsitans
longipalpis

tabaniformis
schwetzi
nashi
haningtoni
fusca
medicorum

Botswana

morsitans

Burundi

fuscipes

ameroon

palpalis
fuscipes
tachinoides
pallicera
caliginea
palpalis
fuscipes
tachinoides
pallicera
caliginea

Central
African
Republic

Chad

fuscipes
tachinoides

Congo, P.R.

palpalis
fuscipes
pallicera

Equatorial
Guinea

palpalis
fuscipes

Ethiopia

fuscipes
tachinoides

morsitans
pallidipes
morsitans
longipalpis

morsitans

brevipalpis
fusca
nigrofusca
tabaniformis
haningtoni
nashi
fusca
fuscipleuris
tabaniformis
nigrofusca
haningtoni
nashi
medicorum

morsitans
fusca
tabaniformis
schwetzi
haningtoni
nashi
fusca
tabaniformis
haningtoni
morsitans
pallidipes

Gabon

palpalis
fuscipes
pallicera
caliginea

Gambia

palpalis

morsitans
longipalpis

Ghana

palpalis
tachinoides
pallicera
caliginea

morsitans
longipalpis

longipennis
brevipalpis
fusca
tabaniformis
schwetzi
medicorum
haningtoni
nashi

fusca
medicorum
nigrofusca
tabaniformis

Guinea

Guinea
Bissau
Ivory Coast

palpalis
tachinoides
pallicera
palpalis
palpalis
tachinoides
pallicera

Kenya

fuscipes

Liberia

palpalis
pallicera

morsitans
longipalpis
morsitans
longipalpis

morsitans
swynnertoni
pallidipes
austeni

morsitans
pallidipes

Malawi

Mali

morsitans
longipalpis

palpalis
tachinoides

Mozambique

Niger

tachinoides

morsitans

Nigeria

palpalis
tachinoides
pallicera
caliginea

morsitans
longipalpis

Rwanda

fuscipes

morsitans
pallidipes

palpalis

morsitans
longipalpis

Senegal
Sierra
Leone

fusca
medicorum
nigrofusca
brevipalpis

brevipalpis

fusca
medicorum
tabaniformis
nigrofusca
haningtoni
brevipalpis

longipalpis
morsitans

fusca
nigrofusca

Somalia

pallidipes
austeni

longipennis
brevipalpis

South Africa

austeni

brevipalpis

morsitans
pallidipes

longipennis
fusca
fuscipleuris

Sudan

palpalis
pallicera

fusca
medicorum
nigrofusca
tabaniformis
longipennis
brevipalpis
fuscipleuris

morsitans
morsitans
pallidipes
austeni
morsitans

Namibia

fusca
tabaniformis
nigrofusca
fusca

fuscipes
tachinoides

Swaziland

austeni
fuscipes

morsitans

longipennis

Tanzania

swynnertoni
pallidipes
austeni

brevipalpis
fuscipleuris

Togo

palpalis
tachinoides

morsitans
longipalpis

fusca

Uganda

fuscipes

morsitans
pallidipes

Upper Volta

palpalis
tachinoides

morsitans
longipalpis

longipennis
brevipalpis
fusca
fuscipleuris
tabaniformis
nigrofusca
msdicorum

Zaire

palpalis
fuscipes
pallicera

morsitans
longipalpis
pallidipes

fuscipes
Zambia

Zimbabwe

morsitans
pallidipes
morsitans
pallidipes
austeni

fusca
fuscipleuris
tabaniformis
nigrofusca
haningtoni
schwetzi
severini
vanhoofi
brevipalpis
medicorum
brevipalpis

5.6

FACTORS LIMITING DISTRIBUTION

The pattern of distribution of tsetse species is a
result mainly of climatic and ecological barriers preventing
further spread.
For example, Glossina austeni could probably live in
much of West Africa, but it has never had the chance to invade
those areas, because of the high ground, unsuitable habitats and
great distances between these parts.
Specimens of the palpal is group have never reached
river systems draining into the Indian Ocean. Had they done so,
probably much of the east coast would have been infested by some
of these species.
There follows a brief description of the way in which
some climatic and vegetational features, as well as the
availability of food, may limit the broad distribution of tsetse
flies in the continent of Africa. A description of the ways in
which these factors affect the lives of tsetse flies, including
local distribution, may be found in Volume II, 1.1. (see also Map
5.9)
5.6.1
Low temperatures Long periods of low temperatures
occur at the southern end of the distribution of the tsetse fly,
in southern Mozambique, Zimbabwe, Botswana, southern Angola and
southern Zambia. The long cold winters in these countries, often
with frost, make conditions that are not suitable for tsetse.
In cold weather the fly cannot move about to feed. In cold
soil, the pupa cannot complete its development before its stored
food supplies are finished.
High ground further north also has a climate too cold
for the tsetse fly to live, for instance in the highlands of
Kenya and Ethiopia, and along the watersheds between river
basins.

Map 5.9

Distribution of Glossina, compared with the
distribution of wet forest, moist savanna
and dry savanna regions of Africa.

5.6.2
High temperatures Very high temperatures
combined with dryness and lack of cover make conditions
in the north of West Africa, in most parts of the Sudan,
and parts of Kenya, Ethiopia and Somalia unsuitable for
tsetse. Where the general climate is too hot, tsetse
flies may make use of local cooler areas, for example
along rivers having gallery forest, in which to live.
5.6.3
Dry conditions Pupae of many species of tse
tse require a humid (but not damp) soil in which to live.
This probably helps to limit the distribution of most
species with the exception of some morsitans group
species and G. longipennis.
The habit of living in gallery forest close to
water makes it possible for palpal is group species,
especially Glossina palpalis and G. tachinoides, to have a
more northerly spread in much of West Africa than
morsitans group species.
5.6.4
Lack of food Insufficient food may cause some
areas to be without tsetse, even though the areas may
be suitable in other respects. The Kalahari sands
woodland of Zambia (Western Province), Zimbabwe and Bots
wana may be an example.
The rinderpest outbreak that swept through
Africa at the end of the last century destroyed most of
the animals fed upon by tsetse and the fly belts were
greatly reduced. Both the game populations and the
tsetse belts have recovered since that time, or are still
in the process of recovering at the present time.
5.6.5
Lack of vegetation cover Vegetation such as
trees, bushes or thickets are required by tsetse as
cover from the worst effects of a hot climate. Pure
grassland or very low vegetation is almost never used
by tsetses as their permanent hone, although patches of
grassland may be visited and crossed by than.
Some species may prefer a particular type of
vegetation. For example, the patchy distribution of
Glossina ansteni is in part due to the patchy distribution
of the humid evergreen thickets in which it lives.
5.6.6
Combination of these factors Very often certain of these factors work together and limit the distribution of tsetse. For example, in the north of West
Africa, away from the rivers the climate may be seasonally
very hot, the vegetation low and grassy and the conditions
very dry. It is only near to rivers that some bushes and
trees can grow, giving shade and cooler conditions and
trapping some moisture, allowing flies to survive.
In some of the miombo woodland of East and
Central Africa, tsetse may be absent, rare or common,
according to mean temperatures and abundance of game. In
areas in which the mean temperature may be thought to be
too low, tsetse may yet be present because of the local
abundance of game.

Map 5.10

Map to show the boundaries and names of
those African countries that have tsetse
infestations.
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6

HOSTS OF GLOSSINA AND TRANSMISSION OF DISEASE

6.1

MAIN HOSTS

Tsetses are able to find their
hosts by their sense of smell, and by
sight.
Particular host species are used
by tsetse probably for the following
reasons:
(a) The hosts occupy the same habitat
as the
tsetse.
(b) The smell and sight of the host
is attract
ive to the tsetse.
(c) The hosts remain fairly quiet
and still
when fed upon by tsetse.
The flies do not necessarily feed
on hosts that happen to be in the same
habitat. For instance, the common animals,
zebra and wildebeest, are not fed upon by
tsetse (see 6.1.2.5). The reasons for
this are not fully understood.
6.1.1
Dependence of tsetse species on
various hosts The following list gives for
each of thirteen tsetse species, the most
favoured hosts in order of importance. An
asterisk (*) against the name of a host
indicates that this host accounts for more
than half the total feeds for that species of
tsetse.
For example, for Glossina
longipalpis, the bushbuck is the most
important host and provides more than half
the total feeds. The buffalo is the next
most important, and the red river hog is the
next after that. For G. morsitans, the four
hosts, ox, buffalo, kudu and man, are grouped
together because they are about equally
important in providing food for this species,
after the warthog.
This information comes from averaging
out blood meal analysis data from studies
made in many parts of Africa (see 8.6). The order
of importance shown for a tsetse species may not be true
for a particular limited area. The information is
therefore only a rough guide.
The list shows the great importance of the pig
family and of the bushbuck as hosts for tsetse flies.
Only three out of the thirteen species listed here do not
have one of these at the head of the list of preferred
hosts.
This section is only a summary. More detailed
information on the importance of different host groups as

a source of tsetse meals is given in section 6.1.2.
Glossina longipalpis

(a Bushbuck *
(b Buffalo

Glossina morsitans

(a)
(b)

Warthog
Ox, buffalo, kudu
and man

(c Red river hog
Glossina swynnertoni

(a Bushbuck *
)
(b Warthog

(a)

Warthog *

(b)

Buffalo, giraffe,
rhinoceros

(c Bushpig
(d Buffalo
Glossina austeni

(a Bushpig *
)
(b Ox
(c) Duiker

Glossina palpalis

(a)

Man, reptiles

(b)

Bushbuck, ox

Glossina fuscipes

Glossina tachinoides

(a) Reptiles, bushbuck

(a)

Man

(b) Man

(b)
(c)

Ox

Glossina fusca

(a) Bushbuck *
(b) Red river hog,

Porcupine
Glossina fuscipleuris

(a) Bush pig
(b) Giant forest hog

aardvark

(c) Ox, hippopotamus
Glossina tabaniformis

Glossina brevipalpis

(a) Red river hog *

(a) Bush pig,

(b) Porcupine

(b) Bushbuck, buffalo

hippopotamus
Glossina longipernnis

(a) Rhinoceros *
(b) Buffalo, elephant
6.1.2
Host groups and their relative importance Some
species of wild animals are very important as hosts
for tsetse, and other are less important. The type of
host that is important may depend on the availability
of the host animal, the species of tsetse, and on the
season.
6.1.2.1 The pig family (Suidae) The pig family
contains the warthog, bushpig, red river hog and the
giant forest hog, as well as the domestic pig.
Members of the pig family are very important
as hosts of tsetse .
(i) Glossina swynnertoni
feeds mainly on warthog (60-70%).
(ii) Glossina austeni
feeds mainly on bushpig (50-60%).

(iii) Glossina fuscipleuris
feeds mainly on bushpig and giant forest
hog (65%).
(iv) Glossina tabaniformis feeds mainly on the
red river hog (70%).
(v) Glossina morsitans gets from one third to
nearly half (30-45%) of its food from
warthog.
(vi) Glossina fusca may take 15% of its meals
from the red river hog.
(vii) Glossina brevipalpis may take as much as
40% of its meals from the bushpig, but
this varies considerably according to the
area.
(viii) Glossina palpalis, G. fuscipes and
G. tachinoides generally do not feed on
wild pigs very much (about 3%); but G.
tachinoides and G. palpalis near to
villages in southern parts of their range
may get much of their food from the
domestic pig.
6.1.2.2 The antelope, buffalo and cattle (ox) family
(Bovidae) The bovids include a large nutter of important
species, especially antelopes such as bush-buck, kudu and
eland, as well as buffalo and cattle. In general, the
larger members may be important hosts, but the smaller
ones are much less important.
(i) Glossina pallidipes, G. longipalpis and
G. fusca get most of their blood meals
(55-90%) from the bushbuck.
(ii) Glossina morsitans takes 25-40% of all its
feeds from bovids, especially kudu,
buffalo, bushbuck and eland. Cattle are
very readily fed upon.
(iii) Glossina brevipalpis takes about
one quarter of all its meals from
bovids (buffalo and bushbuck).
(iv) Glossina austeni takes about one third of
its meals from bovids; duiker (various
species) may be important to this fly
(10%).
(v) Glossina palpalis, G. fuscipes and
G. tachinoides take about 20-40% of their
meals from bovids. The exact percentage,
and the species fed upon, varies greatly
according to local conditions. Cattle
are fed upon if they come into infested
areas.
(vi) Glossina longipennis takes about 20% of
its feeds from bovids.
6.1.2.3
Primates, inclining man The primates are a
group of mammals into which scientists place man for
the
purpose of comparison with other animals. The monkey
and
the baboon come into the same group.

(i) Glossina palpalis, G. fuscipes and
G.
tachinoides all feed on man; the percentage of feeds may be between 8-40% /
according to local conditions. Flies
take a high proportion of their meals
from people using watering places and
river points.
(ii) Glossina morsitans may take 7-18% of its
meals from primates (mainly man).
(iii) Other tsetse species take 5% or less
of their meals from primates.
6.1.2.4

Other mammals sometimes used as hosts
(i) Glossina longipennis is unusual in that
about 60% of its feeds come from
rhinoceros. Elephant is an important but
variable host (up to 12% of all feeds).
(ii) Glossina brevipalpis may take up to
36% of its food from hippopotamus.
(iii) Glossina fuscipleuris may take up to
20% of its food from hippopotamus.
(iv) Glossina fusca takes about 12% of its
meals from the aardvark.
(v) Glossina swynnertoni feeds on the giraffe
to some extent (about 8%).
(vi) Glosslna tabaniformis takes up to one
quarter of its food from the porcupine.
(vii) Glossina tachinoides may take over 7% of
its food from the porcupine.

6.1.2.5 Other manuals seldom used as hosts The fol
lowing common wild game animals are not fed upon by tse
tse under natural conditions:
(i) Zebra (ii) wildebeest
(iii) Many small antelopes
The following common wild game animals are fed
upon only quite rarely:
(i) Waterbuck
(ii) Impala
(iii) Hartebeest (except that Glossina morsitans
has been recorded as using hartebeest for
about 2% of its meals).
In general, animals smaller than a porcupine or
a duiker are not fed upon by tsetse flies in the wild.
Very active animals such as monkeys are not much fed upon.
6.1.2.6
Birds Birds are not used very much by tsetse
flies as a rule.
(i) Glossina longipennis may take up to 7% of
its meals from the ostrich.
(ii) Glossina morsitans submorsitans may take
about 6% of its meals from birds other
than the ostrich.
(iii) Glossina palpalis and G. fuscipes may take
about 10% of their meals from waterside
birds such as cormorants.

6.1.2.7 Reptiles The main reptiles fed
upon are monitor lizards (Varanus) and
crocodile. These animals are very important
as hosts for palpal is group flies.
(i) Glossina palpalis and G.
fuscipes may take about a
quarter to a third of their food
from these hosts, possibly more
in quiet places uninhabited by
man.
(ii) Glossina tachinoides takes
about 10% of its food from
these reptiles.
These figures are variable according
to local circumstances; e.g. as much as 50%
of feeds of G. palpalis may be taken from
the crocodile, locally.
6.2

TRYPANOSOMES
There are several kinds of
trypanosomes transmitted by Glossina. Most
of these are dangerous; some are harmless.
The trypanosomes that cause diseases in man
and domestic animals are called pathogenic
trypanosomes.
Only an outline of the subject is
given here, as it is the field of the
veterinarian and the medical doctor.
6.2.1
Morphology A typical pathogenic
trypanosome is a very small organism living
in the blood stream of its vertebrate host.
The shape is rather like that of a fish.
For some of the smaller species, more than
1000 could be put end to end to measure 1
centimetre. The trypanosomes are studied
with the aid of a microscope, with or
without staining.
The trypanosome has the following
main parts: (Fig. 6.1)
(a)
(b)
(c)
(d)
(e)

body
nucleus
flagellum
undulating membrane
kinetoplast

Fig. 6.1 Diagram of a trypanosome to show the
main parts. Arrow indicates the
direction of movement.
All these parts can be seen in well-stained,
highly magnified microscopical preparations. There are
other important structures in the trypanosome that can be
revealed by other techniques, but it is not necessary to
describe them here.
Size can be a help in identifying different
species (see 6.2.3.1), but the variation in size and
appearance of Trypanosoma brucei, T. rhodesiense and T.
gambiense are so similar that these three cannot be told
apart by microscopic examination. Their chief difference
is in the effect they have on their mammalian hosts. The
large variation in size and appearance in each of these
three species has led to their being called the
polymorphic trypanosomes (polymorphic = of many shapes)
(see 6.2.3.2).
6.2.2
Movement The trypanosome moves by twisting
its body into S-shapes. The main power for this move
ment comes from the flagellum. The direction of move
ment is towards the free end of the flagellum (Figure 6.1,
arrow). The speed of movement is variable. Trypanosoma
vivax moves very quickly across the field of a microscope.
Stained preparations are of course dead, so that they
will show no movement.
6.2.3
Trypanosome species There follows a list of
the trypanosome species that will be dealt with in this
Manual, together with some others (marked *) that will
not otherwise be mentioned.
Note: Ruminants include antelope, camel,
giraffe, bovines.
Bovinesinclude cattle, buffalo or bush-cow.
Bquines include horse, donkey, mule and
zebra.
1 urn = 1 micrometre = 1 thousandth of
a millimetre.

6.2.3.1

Species list

Species

Economic
Importance

Main hosts

Vector

Size

* Not important
Trypanosoma
theileri

Bovines,
antelopes

Tabanid flies

60–100 ȝm
i.e. it is
unusually large

Trypanosoma Very important
vivax (see Table 6.1)

Ruminants,
equities

Glossina;
development in
proboscis

20–26 urn

Trypanosoma Moderately
uniforms important

Ruminants

Glossina;
development in
proboscis

13–17 ȝm.
Except for size,
this species
closely
resembles
T.vivax with
which it may be
confused.

Trypanosoma Very important
congolense (see Table 6.1)

Ruminants,
equines,
pig, dog

11–15 ȝm
Glossina;
development in
midgut and proboscis

Trypanosoma Very dangerous to Bushpig,
warthog,
simiae domestic pigs
camel

Glossina;
9–24 ȝm
development in
midgut and proboscis.
In disease outbreaks
may be transmitted
mechanically

Trypanosoma Important
brucei (see Table 6.1)

Wild and
domestic
mammals

11–39 ȝm
Glossina;
development in
midgut, proboscis and
salivary glands

Trypanosoma Very important,
Mammals
rhodesiense dangerous to man including
man

Glossina;
12–42 ȝm
development in
midgut, proboscis and
salivary glands

Trypanosoma Very important,
Man
gambiense dangerous to man

12–35 ȝm
Glossina;
development in
midgut, proboscis and
salivary glands

* Important; causes Camels,
Trypanosoma the disease surra equines,
bovines
evansi of various
domestic
mammals,
especially camels,
horses and dogs.
Found outside the
tsetse belts

15–34 ȝm
Mechanically
transmitted, especially
by tabanids

Trypanosoma Important; causes
equiperdum the disease
dourine of horses
and donkeys, but

None; transmitted by
direct contact
between hosts

Equines
(only)

15–36 m

is found only
outside the tsetse
belts
Trypanosoma Uncertain
suis (see Table 6.1)

Pigs

13–19 ȝm
Glossina;
development in
midgut, proboscis and
salivary glands. Not a
great deal is known
about this
trypanosome,
especially concerning
its distribution.

6.2.3.2 Group names
(a) The term 'vivax group' is vised to
include
Trypanosoma vivax and T. uniforms.
Duttonella is another term for
the same group.
(b) The term 'congolense group' is
used to include T. congolense and
T. simiae. Nannomanas is another
term for the same group.
(c) The term 'brucei sub-group' is

used to include T. brucei, T.
gambiense and T. rhodesiense.
They are often regarded as
three subspecies of the same
species T.brucei, in which
case they are termed T. brucei
brucei, T. brucei gambiense and
T. brucei rhodesiense.
(d) The term 'brucei group' is used to
include T. brucei, T. gambiense
and T. rhodesiense,together with
some other related trypanosomes. Trypanozoon is another
term for the same group.
6.2.3.3 Stocks Within a species of
trypanosome, there may be varieties or stocks
which behave differently from the usual type.
For example, within Trypanosoma gam biense
there are stocks that cause the patient to
suffer a more acute disease then usual,
resembling the illness caused by T.
rhodesiense.
In the same way, Trypanosoma vivax may
cause a more severe illness in cattle or a
less severe one, according to the stock
involved.
6.2.4

Life history

6.2.4.1 In the mammalian host Trypanosomes
get into the tissues and blood system of the
mammal host by becoming injected along with
the saliva of an infected tsetse fly as the
fly takes its blood meal.

The trypanosomes multiply in the tissues and
the blood stream. However, the number of trypanosomes to
be found in the blood may vary from time to time,
sometimes increasing, sometimes decreasing.
Some trypanosomes in the blood vessels in the
skin of an infected mammal host may be taken up by a
tsetse fly when it feeds. In this way the infection is
passed on.
6.2.4.2 In the tsetse fly The tsetse fly when it
emerges from the pupa is always uninfected ('clean') and
cannot transmit disease.
When a 'clean' tsetse fly takes a blood meal
from a trypanosome-infected animal, there is a chance
that it may become infected itself.
A small proportion of the individual trypanosomes in the blood of an infected animal are in a suitable condition to infect the tsetse fly. For instance,
the shorter 'stumpy' forms of Trypanosoma brucei are the
only ones that can develop further in the fly.
The trypanosomes go through a cycle of development in the fly, lasting several days or weeks before
the infection is mature and the fly becomes infective to
new hosts. After that period, the fly remains infective
for the rest of its life.
There are three types of life cycle undergone
by the economically important trypanosomes in tsetse
flies (Figure 6.2).
(a) Vivax type (T. vivax, T. uniforms) Some
trypanosomes taken up by the fly attach
themselves to the walls of the food canal
in the proboscis. They form colonies and
multiply. In about 10 days infective
forms are produced that migrate to the
hypopharynx and can infect new hosts when
the tsetse feeds.

Fig. 6.2 Diagram to show the places in the body of
the tsetse fly in which the various types
of trypanosomes carry out their
development:
i) the vivax type develops within the proboscis
ii) the congolense type develops first in the midgut and then in the proboscis
iii) the brucei type develops first in the midgut,
then in the proboscis, then finally becomes
mature in the salivary glands.

(b) Congolense type (T. congolense, T.
simiae) Some trypanosomes that are
carried to the gut are able to
survive (most do not). They then
migrate forward to the food canal of
the proboscis where they multi
ply. Later infective forms reach the
hypopharynx, and new hosts can be
infected when the fly feeds. The
cycle takes 12-14
days.
(c) Brucei type (T. brucei, T.
rhodesiense,T. gambiense, T. suis)
The trypanosomes
are carried to the gut, later passing
for ward to the proboscis. From here
they
enter the hypopharynx and reach the
saliva ry glands, where finally the
infective
forms are produced. This cycle takes
20-30 days.
The number of days given for the
cycle to be completed are average
ranges only. Individual cases may
take a shorter or longer time than
the number of days shown.
Within the tsetse belts, the usual
method for pathogenic trypanosomes to
be transmitted is by this cyclical
transmission. But it is also possible
for pathogenic trypanosomes to be
transmitted by other means. One such
method is mechanical transmission
(see 6.5.3).
N.B. The non-pathogenic T. grayi develops in the
mid-and hind-gut. This must be taken into account
when dissecting species of palpalis group.
6.3.

DISEASES

6.3.1
Trypanosomiasis in man (sleeping
sickness) The symptoms (outward signs) of the
disease may vary a great deal from one case to
another and from one outbreak to another. In
general, there is an early fever stage
(trypanosomal fever) and a later stage that
affects the nervous system. The variable symptoms
make it a difficult disease for the doctor to
diagnose (identify). Also,

because the nervous symptoms are varied and may cause the
patient apparently to alter his personality (he may become
more aggressive or moody, or lazy), the ordinary villager
may not understand that the patient is suffering from an
identifiable disease.
There are two main forms to the disease.
Gambian sleeping sickness (see 6.3.1.1) is found
in different areas of West and Central Africa (see Map 6.1)
It is transmitted mainly by Glossina palpalis, G. fuscipes,
and G. tachinoides (all palpalis group flies). The trypanosoms parasite is called Trypanosoma gambiense.
Bhodesian sleeping sickness (see 6.3.1.2) is
found mainly in East Africa and in the Zambezi river basin.
It is transmitted mainly by Glossina morsitans, G. swynnertoni and G. pallidipes (morsitans group), but G. fuscipes
and G. tachinoides (palpalis group) may also be important
sometimes. Where it occurs, G. pallidipes may be a
particularly efficient vector of Rhodesian sleeping sickness. The trypanosome parasite is called Trypanosoma
rhodesiense.
6.3.1.1 Gambian sleeping sickness There have been very
large and serious outbreaks (epidemics) of this disease in
the past. A major epidemic occurred in Uganda in 1902-7,
in which it is believed that as many as 200,000 people died
(two out of every three in the affected population) .
Medical authorities realised the full seriousness of the
disease from this time. The disease develops slowly in
man.
Often the disease occurs in communities at river
crossings and watering points, where man and palpalis group
flies come into close contact. Such places may form the
starting points (foci, singular focus) for epidemics, if
conditions are suitable.
It has been found that Gambian sleeping sickness
is particularly likely to occur at the extreme northern
boundaries of the distribution of Glossina palpalis and G.
tachinoides. It is thought that is because the hot, dry,
climatic conditions here force the tsetse flies to remain
around river courses and water holes, and so into

Map 6.1 Present day distribution of sleeping sickness in Africa. The solid line shows the
approximate boundary between the western
Gambian sleeping sickness, and the eastern
and southern Rhodesian sleeping sickness. In
the past, major epidemics of Gambian
sleeping sickness have occurred around L.
Victoria.

close contact with man. Man-fly contact is close and
repeated, so Trypanosoma gambiense can build up in numbers
and can easily be transmitted from infected to uninfected
people (Figure 6.3), even though the total lumber of flies
present may be quite small.
6.3.1.2 Rhodesian sleeping sickness Epidemics of this
disease have not been as large as for Gambian sleeping
sickness, but can be very serious locally. The disease
develops more quickly in man than does Gambian sleeping
sickness.
This is a disease mainly of remote villages, and
of people whose occupations take them far into the bush,
for example hunters and honey gatherers. It is thought
that a man may pick up an infection by being bitten by an
infected tsetse, whose normal hosts are wild game animals
(Figure 6.4). A minor epidemic may occur when the
infected man returns to his hone village, if this village
is tsetse infested, by more people being bitten by
infested flies.
6.3.2
Animal trypanosomiasis The trypanosome diseases
of animals cone under the general term animal
trypanosomiasis. The one affecting cattle is sometimes
called nagana.
The main tsetse-borne trypanosome parasites in
cattle are Trypanosoma vivax, T. congolense and T. brucei.
Also pathogenic to domestic animals are T. uniforme, T.
simiae and T. suis, but the last three are less often
important in causing livestock disease than are the first
three (see 6.2.3). There are also one or two other
trypanosome species that can live in the blood of livestock without doing any harm. We are not concerned with
these.
The effect of animal trypanosomiasis varies
according to the species of livestock (see liable 6.1), and
of the breed. For instance, Trypanosoma simiae has little
or no effect on cattle or horses, but can cause very
severe disease in pigs. Zebu, the commonest breed

TABLE 6.1

Trypanosome
T. brucei

Severity of disease caused by pathogenic tsetse-borne trypanosomes in
men and various domestic animals
Cattle

Horses

Goats

Donkeys

Sheep

Pigs

Man
-

+

+++

++

±

T. rhodesiense
T. gambiense
T. vivax

—
—
+++

—
++

—
—
—

T. congolense

+++
—
++

—
—
+++
or
+
++
-

++
++
—
++

±
+++
++
—

T. simiae
T. suis
T. uniforme
Key:

-

++

+++ more acute
+++ more chronic

-

-

Hosts do not normally pick up the disease
(although experimental infections may be possible).
± slight disease
+ moderate disease
++ serious disease
+++ very serious disease
By the term acute disease is meant one that develops in months rather than years; By
the term chronic disease is meant one that develops slowly over years.

Fig. 6.3.

Current ideas on the transmission of Gambian
sleeping sickness. The arrow indicates that
the sick man (seated) is acting as a reservoir
for the infection; trypanosomes are taken in
by a tsetse fly when it feeds on this infected
person, and the fly itself becomes infected.
After 20-30 days the fly is able to transmit
the disease to uninfected people it later feeds
on.

Fig. 6.4.

Current ideas on the transmission of
Rhodesian sleeping sickness. The arrow
indicates that the animal (bushbuck, for
instance) is acting as a reservoir for the
infection. Trypanosoma rhodesiense is taken
in by a tsetse fly when it feeds on the
animal and the fly itself becomes infected.
A;:ter 20-30 days the fly is able to
transmit the disease to uninfected people it
may feed on.

of cattle in tropical Africa, is severely affected by
nagana. The breed is highly susceptible to trypanosomiasis and cannot live for long in contact with a heavy
fly infestaticn, even with the help of drugs. But some
cattle breeds (e.g. Muturu, N'Dama) are less susceptible,
although affected to sane degree: they are said to be
trypanotolerant. These cattle can live in closer contact
with tsetse fly than Zebu cattle can.
The seriousness of trypanosomiasis can depend on
the general state of health of the domestic animal that
has become infected with the disease. An animal that is
well fed and rested has a much better resistance to the
disease than one that is poorly fed, worked hard,
pregnant, suffering from other diseases, or under any
other kind of stress.
6.4

SOURCE (RESERVOIR) OF INFECTION

For tsetse flies to become infected they must
feed on infected hosts having trypanosomes in their blood
streams. These hosts form a reservoir for the trypanosomes, which continually infect 'clean' tsetse flies that
feed on them.
6.5
HOSTS

TRANSMISSION OF TRYPANOSOMES TO NEW

Where uninfected men and animals are
living in contact with fly,the chance of their
becoming infected will depend on:
(a) the infection rate in the tsetse
flies
(b) the ability and opportunity of
the
infected fly to pass on the
infection
6.5.1
Infection rates in tsetse flies These
can vary according to the area, to the species of
tsetse fly, and to the species of trypanosome.
The figures given in this section provide only a
very rough guide.
The following table gives infection rates
that the three important trypanosome species
causing disease in cattle might have in morsitans
group flies.

Tryp

Infection rates
morsitans group

1.

T. vivax

Approximately 20% or
more

2.

T.
congolense

Approximately 10%

3.

T. brucei

Less than 1%

Usually vivax infections are much
commoner than congolense infections, as shown in
the above table, but occasionally congolense may
be commoner than vivax.
The infection rate may vary according to
tsetse species:

Glossina species

Overall infection
rates
(all trypanosome
i
combined)

G. morsitans
G. longipalpis
G. pallidipes

Often 20% or more

G. tachinoides
G. palpalis

Usually less than
10%

In a particular area the infection
rates in flies may depend on a variety of
factors:
(a) The infection rates in preferred
hosts in the area
(b) The ability of the tsetse fly to
pick up an infection from the
hosts. This ability may vary
according to the species of fly.
(c) The average age of the fly
population.Older flies are more
likely to have a mature infection
than younger ones.

(d) The temperatures experienced by the
pupae and young adults. By
laboratory studies it has been found
that pupae and young adults of G.
morsitans kept at a high temperature
give rise to mature flies that can
develop unusually high infection
rates.
6.5.2

The ability and opportunity of infected
flies to pass on an infection

6.5.2.1 Ecological opportunity In order to
pass on the infection to man or domestic
animals, tsetse flies must live in the same
habitat as these hosts.
(a) Most fusca group flies are for this
reason not much danger to cattle.
Most fusca group flies live in rain
forest and other
heavily wooded areas.
Cattle do not normally live close to
such places. But the two species G.
brevipalpis and G. longipennis are
important exceptions to this rule.
Although they belong to the fusca
group, they do live in places where
they can come into close contact with
livestock (see Volume II, Ch.4).
Glossina fusca itself often lives at
the fringes of forest and may
therefore come into contact With
cattle.
(b) The palpalis group flies G.
palpalis,G. fuscipes and G.
tachinoides can also transmit cattle
trypanosomiasis, but the
disease transmitted is usually less
severe.Cattle can live closer to
these species than they can to
morsitans group species.It may be
necessary for cattle to live in
rather close contact with palpalis
group tsetse, in order to get water
and grazing. The resulting disease
probably accounts
for a large part of the total
trypanosomiasis of cattle in West
Africa.

(c) The morsitans group. The main species
of this group (G. morsitans, G.
swynnertoni, G. longipalpis and G.
pallidipes) are so efficient at
transmitting disease that infested areas
are avoided by cattle owners as far as
possible. Cattle being trekked for fresh
grazing or for marketing may have to pass
through morsitans country, and suffer
very heavily. Locally, populations of
morsitans group flies may live mainly on
cattle, and cause high levels of
trypanosomiasis.
6.5.2.2 Susceptibility of host to trypanosomiasis This
has also been dealt with under 6.3.2 (see table 6.1). An
animal may be quite resistant to a trypanosome species
and fail to suffer any disease when exposed to it. For
example, man does not suffer any disease from exposure
to Trypanosoma vivax or T. congolense, nor to ordinary
strains of T. brucei.
Some hosts may pick up a trypanosome parasite
without apparently suffering any harm. Many game
animals appear to be in this group.
Some breeds of African cattle can tolerate
a trypanosome challenge.
6.5.3
Mechanical transmission (see also 6.2.4.2) If
a fly such as Stomoxys or a tabanid feeds on an infected
animal and is interrupted in its meal, it may fly off to
an uninfected animal to finish its meal. In this way
some infected blood can be carried while still fresh
from the first animal to be injected into the second.
Transmission of trypanosomiasis in this way is called
mechanical transmission.
In the case of trypanosomiasis outbreaks at
the edge of tsetse belts it is difficult to be certain
whether they are caused by mechanical transmission, or by
very small numbers of scattered tsetse spreading the
disease from the main belt. Inside the main tsetse belts
cyclical transmission is probably much more important
than mechanical transmission.
Trypanosoma vivax appears to be more easily
transmitted by the mechanical method, than T. congolense.

CHAPTER

7

BASIC TECHNIQUES FOR THE STUDY OF
GLOSSINA IN THE FIELD

7.1

COLLECTING AND STUDYING PUPAE

A list of the sites in which tsetse pupae might
be found is given in Volume II, 1.3.2. A pupal site is
usually a well-sheltered place with loose sandy soil. It
will be protected from the direct sun by vegetation, or
by a fallen log or by a sheltering rock. It will not be
wet. Most of the pupae found will be empty puparial
shells, but some will have living contents.
A search for pupae in the soil may be required
for the following reasons:
1.

2.
3.

1b discover the main breeding areas so
that
these may be sprayed with residual insect
icide.
To obtain pupae for laboratory work.
To find out if pupae are being attacked by
natural enemies such as parasites.

7.1.1
Hand collection of pupae This is the simplest
method and often the best. Loose soil in suitable places
is searched using the finger tips to a depth of about
4 cm (1.5 inches). The search should be thorough. It is
often possible to find pupae, particularly where the
loose soil is only a thin layer, by disturbing the
surface with a small stick. Pupae will then be uncovered
and can be picked up.
7.1.2
Using sieves Sometimes it is useful to pass
the loose soil through sieves (No.7 mesh). This takes
more tine than hand collection, but makes certain that
all the pupae in a site are discovered, whereas some of
the pupae may be missed by hand collection. The use of
sieves is recommended where the soil in animal burrows
is being searched.
7.1.3
Flotation methods If water is available, soil
samples can be put into a bucket of water and stirred.
This causes pupae to rise to the surface, where they can
be collected. Pupae are not harmed by this treatment.
7.1.4
Storage and transportation If living material
has to be transported, this is best done at the pupal
stage, as most adult flies will die if they are kept
without food for several days. Pupae should be loosely
tied in a piece of clean muslin or other kind of cloth,
and enclosed in a box. The bag of muslin should be pre
vented from moving about during transport, by packing
the box with fibrous material such as clean, dried grass.
If available, polystyrene boxes are best, as these are
very light in weight and help give good insulation for
the pupae.
A label carefully written in pencil should be
placed in the bag containing the pupae, stating exactly
where the pupae were found, the date, and the name of
the collector, together with any other important notes.
If sent out of the country of origin, the
package should be sent airmail, and marked 'Urgent,
scientific specimens, no commercial value'.

7.1.5

Keeping pupae in field cages until emergence
of the flies For some work, for instance
during an aerial spraying campaign, it may be required
to see how long it takes for pupae to produce flies, if
kept under natural conditions. If newly deposited pupae
are burled in the ground at the start of the campaign, it
may be assumed that when all the flies have emerged from
these pupae, all the adults will have emerged from the
wild pupae as well.
Che piece of apparatus that has been used for
studying the emergence of flies consists of a shallow
box (one about the size of a matchbox would be suitable),
with top and bottom made of fine wire mesh. The box has
fitted to it a vertical glass tube closed at the top with
a cork. The box is buried in the soil so that pupae are
about 4 cm (1.5 inches) below the surface. The tube
comes above the level of the soil. When flies emerge
from the pupae they come to the top of the glass tube
and can be seen, and collected daily if required.
Newly deposited pupae may be obtained from a
laboratory colony, of which there are several in Africa.
7.2

COLLECTION OF TSETSE FLIES BY HAND NETS AND
BY TRAPS

7.2.1
Hand nets Hand nets for the capture of tsetse
flies can be made of cloth netting on a suitable frame
(Figure 7.1). White nylon netting is good, but make sure
that the holes are small enough to prevent the fly from
crawling through the netting. The mouth of the net,
where it is attached to the frame, should be strengthened
by tougher cloth. The net should be inspected for tears,
and mended if necessary.
The frame can be made of local materials (cane,
root, small flexible branches) or from strong wire bent
into shape. The mouth of the frame should be about 18-23
cm (7-9 inches) across and roughly circular. The handle
should be short. Some people prefer to make the mouth of
the net an oval shape instead of circular.
To catch a tsetse fly that has settled on the
body, on leaves, branch, tree trunk or ground, the net is
brought quite slowly to within a few centimetres of the
settled fly, and then brought in a quick sweep upwards or
sideways, with a strong 'follow-through', after which the
net is twisted so the bag traps the captured fly inside.
Besting recently-fed flies move much more
slowly than hungry flies. If, for special reasons, a
collection is being made of resting recently-fed flies
(see 8.6.3), then a slower sweep of the net is required
for capturing them.

Fig. 7.1 Hand net used for catching tsetse;
A, side view; B, dimensions of the net
and cloth band; C, dimensions of the
frame and handle.

The fly is killed by squeezing the thorax
between the finger and thumb while it is still in the
net. The killed flies should be stored in specimen tubes
or other container. Even after the thorax has been
squeezed flies may still be able to crawl about, so care
should be taken that previously caught flies do not
escape if later ones are added to the same container.
If flies are being captured in order to find
out the average age of the population by the wing fray
method (see 8.5.1) then special care has to be taken to
see that the wings are undamaged while the fly is in the
net, and while it is being carried back to camp (see
8.3.5).
7.2.2 Traps Ordinary fly rounds using hand nets are
laborious to carry out, and the flies that are caught do
not closely represent the wild population (see 7.10.2).
For these and other reasons people have tried
to invent traps that will catch flies more efficiently.
New designs cane cut every year.
Traps have their own problems. The question
of where to place traps in the field in order for them
to work at their best needs more study. The number of
flies caught by traps varies a lot from day to day, from
season to season and from place to place, for reasons
that are not fully understood. Traps have to be examined
and emptied every day, or several times during the day.
7.2.2.1 Animal model traps These traps are designed to
resemble slightly the vertebrate hosts of tsetse.
They consist of a box or screen supported so
that it does not touch the ground; there is a collecting
cage above the box or screen. Flies land on the screen
and enter the cage from which they cannot escape.
The screens and covers to the boxes are often
made of hessian or similar material. This has to be

Fig. 7.2 Traps and an artificial refuge; A, an
artificial refuge with thatched cover to
entrance, and a collecting chanter; B,
Harris trap; C, Swynnerton trap; D, Jack
trap; E, Morris trap; F, Langridge trap;
G. Moloo trap; H, Biconical (ChallierLaveissiere) trap. Dotted line, possible
route for tsetse to enter the trap; dashed
line, netting.

renewed from time to time, otherwise the traps do not
remain fully attractive to flies.
Figure 7.2 (B-G) shows different types of animal
model traps:
Harris trap, developed for G. pallidipes, and
the first one devised for catching tsetse
Swynnerton trap, developed for G. pallidipes
and G. fuscipes
Jack trap, developed for G. morsitans, G.
pallidipes and G. brevipalpis
Morris trap, developed for G. palpalis and
G. tachinoides
Langridge trap, developed for G. pallidipes
Moloo trap, developed for G. pallidipes and
G. fuscipes
Baiting the traps with animal dung or carbon
dioxide (from a cylinder) may increase the catches.
These traps are suitable for catching large
numbers of flies quickly and cheaply, especially females.
But they are large and only a few at a time can be carried
in a vehicle.
They can be used for detecting tsetse at very
low densities, to study tsetse distribution and to help
in post-spray surveys.
7.2.2.2 Biconical (Challier - Laveissiere) trap. This
trap catches certain species of all three species groups.
It is less efficient for catching crepusclar species
(those species active at dawn and dusk). It is fairly
cheap and is collapsible so that many can be carried in a
single vehicle; even a man can carry several at once.
It consists of two fabric cones, approximately
equal in size, joined base to base and supported by a
vertical pole passing through the middle. The bottom cone
of blue cotton fabric is divided into four segments by
dark cloth partitions, visible through four slits in the
blue cloth. The upper cone is of strong mosquito netting.
At the top of the vertical pole is mounted a small cone
made of a wire frame and covered with mosquito netting.
This small cone is open at the base and has a snail exit
hole at the top. It acts as a non-return device, and
leads to a collecting cage at the top of the trap. Flies
attracted to the trap enter through the dark slits at the
base, and move up into the collecting cage at the top.
The whole trap can be fixed firmly in the ground
by the vertical pole, or can be suspended by a greased
wire from a branch or tripod. The lower part of the pole
or wire can be smeared with grease to prevent ants getting
to the caught flies.
The trap stands about shoulder height.
7.2.2.3
Moving vehicles as traps Vehicles moving at
approximately 10 km/h with open windows often act as
good tsetse traps. They catch very hungry flies, in

cluding a high percentage of females, inside the vehicle.
They are especially good for attracting large numbers of
flies which can be collected by stopping the vehicle from
time to time and catching them with hand nets. This can
be used for collecting G. morsitans, or for detecting those
species that do not so readily approach ordinary fly
rounds (e.g. G. brevipalpis, G. longipennis, G. medicorum).
The method is convenient and quick, but limited to
motorable tracks and depends on fuel being available.
7.2.2.4
Sticky traps These use a semi-liquid glue
painted on to a surface. Dark blue screens are especially
effective in attracting G. palpalis and G. pallidipes.
Sticky traps may be used to discover resting sites
(see 7.4), or to detect flies in a thinly populated area
(for instance, a cyclist may carry on his back a board
glued on its exposed surface, to survey an area quickly).
Caught flies, being covered in glue, may not be suitable
for some kinds of studies (e.g. wing fray analysis, and
study of the proboscis for trypanosomes).
7.2.2.5
Artificial refuges (Figure 7.2.A) These can
be made of boxes or wide pipes set on the ground in tse
tse-infested areas. They provide a dark cool interior
into which flies move, especially during the heat of the
day. The flies are caught by a collecting cage or by
nets placed over the entrance, or by sticky surfaces
placed inside. Any pupae deposited inside the refuges
may be collected from loose soil placed at the bottom.
7.2.2.6
Electric traps In these traps, a grid con
sisting of many fine parallel wires is powered by a car
battery or a torch battery , suitably modified. Flies
colliding with the grid are electrocuted and fall into
a collecting tray or funnel, from which they are later
removed.
High current electric traps (using a car battery)
will burn off any insects caught across the wires, and the
trap efficiency is therefore not reduced. But the wires
give a powerful shock which could be fatal to people, so
the traps must be used with extreme care and under close
supervision.
Low current electric traps (using a torch
battery) are lighter and safer and so more suitable for
collecting flies over an ordinary fly round route. But
their efficiency is reduced if an insect gets caught
across the wires.
Both types are expensive and difficult to make.
Electric traps are being used as research tools,
but not yet for routine work. They have shown that:
(a) humans repel many individual G. morsitans
and G. pallidipes (especially female flies)

(b) more female G. morsitans approach and
land on man, than are indicated by hand
net catches
(c) there are pregnant females in the following
swarm, in addition to males and teneral
females (see Volume II, 1.2)
(d) all animal model traps have a low effi
ciency (10 - 20% or less)
(e) catching flies with hand nets is least
efficient when the density of flies is
high.
In general, electric traps are used:
(a) to investigate the physiology and be
haviour of tsetse in the field more
exactly than any other method;
(b) to check on the efficiency of other kinds
of traps (which may be more convenient
to use than electric traps), and of fly
rounds using hand nets, screens and bait
animals.
7.3
SEX DETERMINATION (see also 1.5)
A tsetse fly can be identified as a male or a female
by examining the posterior end of the abdomen. The male has a
lump on the underside (ventral side) of the abdomen at the
posterior end. This is the hypopygium (see Figure 1.11).
Just in front of the hypopygium is a plate with strong black
hairs (hectors). The hypopygium and the plate with hectors
are not present in the female fly. These structures can be
seen with the naked eye, and more clearly by using a xlO
hand lens. This is the best way of telling the sexes apart.
The female fly is often slightly larger than the
male. In a collection of dead flies of one species, the
larger flies can be quickly picked out, and these will be
found to be mainly females. But because some females are
smaller than some of the larger males, size is not a very
reliable indicator of sex.
7.4

METHODS OF STUDYING RESTING FLIES (see also
Volume II, 1.2.2)

7.4.1
During the day Some research workers wishing to
know where flies rest at particular times of the day have
enclosed whole trees and bushes in a large cage of netting.
Some fed flies are released into the cage and the flies'
resting places on the vegetation are afterwards carefully
observed.
To trap flies on their resting places, a sticky
paste (such as Tanglefoot) can be spread on the places
(branches, leaves, trunks) thought to be used by tsetse flies
for resting. The paste can then be visited the next day and
any flies removed. If rot holes, hollow trees or animal
burrows are suspected of being resting places, then nets can
be arranged over these to trap any fly emerging from them.
These studies have shown that flies generally rest
during the day out of the sun on tree trunks and on the
underside of lower branches and on river banks. The hotter
the season, the closer to the ground is the
usual place chosen for resting. Rot holes, etc., axe

sometimes used in the hottest season.
To collect resting flies, a searcher should move
round a tree trunk slowly, looking for the outline of the fly
against the sky or other background. Flies are particularly
difficult to see when settled on a tree trunk. It may help to
tap the tree trunk with the net to disturb flies and so make
them visible. Recently-fed flies are likely to move only a
short distance, and to settle down again on the same tree
trunk, or very nearby.
Numbers of workers may be needed to help in
searching for resting flies, and only areas that are heavily
infested are likely to give quick results. A team of
experienced men should work slowly through an area examining
the tree trunks and the undersides of the lower branches.
Flies of the following swarm (see Volume II, 1.2.3)
should be ignored; the places where they settle are only very
temporary and are not regarded as true resting sites.
7.4.2
During the night To study their night-time
resting places, flies can be caught during the day, marked
with fluorescent paint and released the sane day. They are
looked for during the night with the help of ultraviolet
lamps.
To mark flies, they can be sprayed (but not too
heavily) with fluorescent powder suspended in isopropyl
alcohol. This paint glows brightly in the dark when the
ultra-violet lamp is pointed towards it.
The supervisor will make sure that ultra-violet
lamps are used carefully and sensibly; ultra-violet rays can
be harmful to unprotected eyes.
Reflecting paint has also been used to mark tsetse
flies; it has tiny glass beads in it, and will shine in the
dark when an ordinary torch light is shone upon it. This
method is not as useful as the method employing fluorescent
powder (see also Volume II, 1.2.2).
7.5
RECOGNITION OF TENERAL AND NON-TENERAL FLIES
When a fly emerges from the pupa it is lighter in
weight and weaker than it will become a few days later.
We call the fly during the period between its
emergence front the pupa and its taking its first meal, a
teneral fly. After the taking of a meal, it is called a nonteneral fly.
Some of the points of difference between the teneral
and non-teneral fly are listed below:

Teneral

Non-teneral

Blood

No dark area to be

Dark area to be seen

meal

seen within abdomen,
when fly is held up
to light.

within abdomen (indicating last blood meal)
when fly is held up to
light.

Colour

White-grey on under-

Pale creamy-white on

side of abdomen.

underside of abdomen.

Thorax feels soft

Thorax feels firmer

when gently squeezed
between the finger
and the thumb.

when gently squeezed.

Ptilinum easily

Ptilinum is not so

Thorax

Ptilinum

pushed out (everted)
easily pushed out when
when the sides of
the sides of the head
the head are squeezed. are squeezed.
7.6

HUNGER STAGING

7.6.1
Hunger staging by outward appearance (Figure 7.3)
The following notes apply to Glossina morsitans males. Hunger
staging of dark species such as G. fuscipes is not very
satisfactory. This method has been used on males of species
such as G. morsitans, G. swynnertoni and G. palpalis.

Fig. 7.3 Appearance of abdomen at different
hunger stages, on the left as seen from the
side, and on the right as seen from the
ventral view when held up to the light.

In a sample (collection) of files made by ordinary methods, for example by means of a fly-round (see
7.8), the amount of the blood meal remaining in the abdomen
will vary considerably.
four stages are distinguished as follows:
Main
Stage

Fuller description

points

I
Gorged

Abdomen red or
blue-black,
opaque

Viewed from beneath, the abdomen appears dull red and
swollen. Later, but still
counted as within this stage,
the abdomen becomes deep blueblack and still swollen, but
less so than before. Held up
to the light, abdomen is seen
to be entirely or almost
entirely opaque.

Not red or
blue-black but
two thirds or
more of the
abdomen opaque

Viewed from beneath, the
abdomen usually appears
slightly swollen; there is
a grey-black colour around
the spiracles. General
colour of ventral side is
milky grey. Held up to the
light, two thirds or more of
the abdomen is opaque.

II
Replete

Note: an opaque object does not allow the light
through.
a translucent object does allow some light
through.

Main
Stage

Fuller description

points

III
Intermediate

IV
Hungry

About one
third to two
thirds of the
abdomen is
opaque

Viewed from beneath, the
abdomen is not swollen;
the dark lateral patches
become paler grey.
Posterior half often
straw-coloured; wrinkling
of the underside of the
abdomen can be seen,
especially in the posterior
half. Held up to the light
only one third to two thirds
of the abdomen is opaque.

About one
third or
less of the
abdomen is
opaque

Viewed from beneath, the
abdomen is flat or concave
(curving inwards). Most
of the abdomen is strawcoloured. Held up to the
light, the abdomen is
translucent or one third
opaque.

Sometimes Stages II and III axe grouped together,
as a non-hungry stage.
First method
Stage I

Gorged

Stage II

Replete

Stage III Intermediate
Stage IV
Hungry

Second method

(a)
(b)

(c)

Gorged
Non-hungry

Hungry

7.6.2
Fat content of flies At some future date it
may be possible to have the fat content of tsetse flies
analysed on a routine basis, just as it is now possible
to have blood meals analysed routinely. When, and if,
this service becomes available, the hunger staging of
tsetse flies will certainly become far sore accurate than
it is at the moment.
7.6.3
Signs of hunger from behaviour It is found
that with Glossina morsitans and G. swynnertoni, if a
catching party catches 80% or more of its non-teneral
male flies on the ground, then the population is hot a
hungry one. A proportion of 50-80% taken from the ground
indicates a hungrier population, and a proportion of less
than 30% suggests a very hungry population.
Of flies settling on a person, if a high proportion lands in the head-up position (that is, with the
head towards the sky, the abdomen towards the ground), then
the population is a hungry one. If a low proportion does
so, it is a less hungry one.
In the case of G. palpal is, if a high proportion
of the catch is taken after settling on the catching
party, this indicates a hungry population.
7.7

MARKING FLIES FOR RELEASE AND RECAPTURE STUDIES

For a research programme it may be required to
know approximately how many flies are living in a certain
area, or how much immigration and emigration of flies takes
place to and from the area, or how long the flies are living. For such studies, flies are captured unharmed,
marked in some way (usually with paint) and released.
Information on the above subjects may be worked out on the
basis of the rates of recapture of marked flies.
To mark flies, the field worker should be
equipped with artist' oils, the type sold in tubes, of the
following colours: white, yellow, red and blue. Three of
these colours will often be enough.
The fly is captured by a net (or in a trap),
picked up carefully between thumb and forefinger and the

thorax touched with paint at one of the spots indicated
in Figure 7.4. A small pointed stick such as a toothpick,
or a piece of dry grass stem, can be used to apply the
paint.
A new position is marked on the thorax each
week; thus all the flies that are narked in one week
have an identical mark. After 6 weeks all the positions
have been employed, and a new colour of paint is then
taken. After three colours of paint have been used on
all the marking positions, 18 weeks will have passed. By
this time all the flies narked during the first week will
have died and the first colour can therefore be used
again. Any flies recaptured in the same week of marking
are immediately released.
The recapture rate should normally be in the
range of 1-2% or more. To show how the results may be
used, let us suppose that 1006 flies were marked and 100
were recaptured. The recapture rate was therefore 10%,
and the programme leader may suppose that the original
1000 flies captured by marking was therefore a 10% sample
of the whole field population. The estimate of the field
population would therefore be 10,000 flies. But in
making estimates of the population, for instance, the
effects of 'birth' and death rates, and of any possible
immigration and emigration, have to be taken into account.
Working out the results is therefore not simple.
For another method of marking five or six paint
colours are needed: light green and orange can be used
in addition to the colours mentioned above. The method
makes it possible for the particular clay of capture to
be recorded on the fly. Three of the marking sites
(Figure 7.4) on the thorax are used for this. One site is
used to show the month: for instance, white may stand for
January, yellow for February, and so on. Another site
indicates whether it is the 1st, 2nd, 3rd, 4th or 5th
week of the month: for instance, white may stand for the
first week of the month, yellow for the second week, and
so on. A third site is used to show the day of the week:
for instance, white may stand for Monday, yellow for
Tuesday, and so on. The other sites can be used to
indicate location, recapture, etc.

Fig. 7.4

Areas on the thorax which can
be used for marking with spots
of paint, in capture-markrecapture studies.

A marker may have a rack of small tubes hanging
round his neck. One of these tubes contains a supply of
small dry grass stems, and the others various coloured
paints, into which a grass stem can be dipped. Once
used, the grass stem is thrown away.
7.8

FLY-ROUNDS

A fly-round is a marked path through the bush,
along which men walk to catch tsetse flies, stopping at
intervals to do so (Figure 7.5). The same path will be
walked regularly throughout the year.
The word 'round' refers to the fact that in
earlier times the path followed was more or less circular,
ending at or near the start. However, many fly-rounds are
not that shape, but may be fairly straight paths through
the bush, or very irregular in direction.
7.8.1
Purpose of fly-rounds A fly-round may be
required to give information about:
(i) the seasonal changes in local tsetse
distribution,
(ii) the dependence of tsetse on certain
vegetational types,
(iii) the behaviour and state of hunger of
tsetse flies at different seasons,
(iv) the success (or otherwise) of a reclamation
scheme, involving perhaps settlement, bush
clearing or spraying.
7.8.2
Types of fly-round The commonest type of
fly-round has two or more men (the catching party)
walking a path marked off in equal sections, usually
100 metres long. It is important that once the number
of men has been decided upon, the fly-round should always
continue to be patrolled by the same number of men. This
is to make the results easy to compare from one season
to the next. The next three types are forms of this
basic fly-round.

Fig. 7.5

Lay-out (example) of a vegetation
fly-round.
Different vegetation
types such as woodland, fringing
forest and savanna are sampled.

For same species, the catching party may carry a
hessian or black cloth screen (60 x 90cm) suspended from a
2 metre pole carried by two men. This increases the target
to which tsetse flies may be attracted, and may result in
increased catches. Blue screens are also effective in
attracting flies.
(i) Transect fly-round. The path to be followed
is a fairly simple one, laid cut regardless
of the type of vegetation passed through.
(ii) Vegetation fly-round (Figure 7.5). The path
to be followed is laid out so that sections
(not necessarily of equal length) will sample
the flies found in different vegetation
types.
(iii) Picket fly-round. For sampling Glossina
tachinoides, the catching party may stop for
an hour or so at selected spots most
suitable for catching the flies (see also
7.10.2).
(iv) Bait ox fly-round. The catching party may
be accompanied by a bait ox. This will help
to sample Glossina pallidipes and members of
the fusca group, which do not so readily
come to man as does Glossina morsitans. The
bait ox method is less often used as a
routine, but more often as a special
exercise, or as part of a larger survey.
The ox should be protected against
trypanosomiasis by drugs, and should be
well-rested between fly-rounds.
7.8.3

Planning and patrolling the fly-round

7.8.3.1 Planning the fly-round The supervising officer
will have a particular reason for setting up the fly-round
(see 7.8.1), and the route to be taken will depend on which
species is to be sampled, and on whether the fly-round is
required to pass through all the main vegetation types
(vegetation fly-round) or to have a path independent of the
kinds of vegetation passed through (transect fly-round).

If it is required to find out how frequently
tsetse flies are coming to man (for example in a sleeping
sickness area), then the route may be laid out in part
along a road, track or path. Normally, however, the
route will be cross-country.
An accurate map of the selected route will be
kept in the supervisor's office. Instructions will be
given as to how often the fly-round should be patrolled;
once every one or two weeks is often recommended.
7.8.3.2 Marking out the fly-round The path is usually
8 kilometres (5 miles) long, but may be shorter than this
(for example 5 km, 3 miles) if it is in a remote place.
The path is marked at intervals of 100 metres (or 50 m
in some cases) to indicate stopping places. Marking is
usually by blazing (cutting a patch of bark off) a tree
at the appropriate place along the route, and painting a
number (or letter, according to the system used) on the
exposed wood. A mark painted on a metal sheet nailed to
the tree can also be used. A rock may be marked
instead, if no tree happens to be growing at a stopping
place. The marked trees will be numbered (or lettered)
in order from the start of the fly-round to its finishing
point, and each tree will have two marked places so that
it is easily visible whichever direction the fly-round is
walked.
To Treasure out the 100 metre intervals, it is
usually enough for an experienced man to pace this out. A
measuring chain or a measuring wheel can be used if
greater accuracy is thought to be necessary.
Both ends of the fly-round should be clearly
marked with the fly-round letter or number, corresponding
to the maps and records in the local camp headquarters or
office.
Once the fly-round is set up, it should not be
altered. If some changes are necessary, then the flyround must be given a new letter (or number) and a fresh
set of records started.

7.8.3.3

Patrolling the fly-round
(i) If two men are patrolling the fly-round,
then each will have a fly net, and one
will have a tube for the collection of
flies, a pencil and a fly-round record
sheet. If there are three men, then two
will be responsible for catching the flies,
and the other will keep the catch and the
records. With a bait ox, an extra man is
needed for leading the animal.
(ii) The start of the fly-round patrol should
be in the morning, at about the time when
flies are beginning to get active. The
precise time will therefore vary according
to the season, because flies become active
later when the weather is cold. This is
particularly important for Glossina tachinoides. However, a fly-round intended to
give information about the daily activity
of flies may start very early, or finish
very late, as required.
(iii) The direction in which the fly-round is to
be walked will depend on instructions from
the supervising officer. Very often the
instruction will be to alternate the
direction walked each week.
(iv) At the start of the patrol, the catching
party should pause to catch any flies
that they may already have around them.
These flies are not entered into the records.
(v) The catching party should walk at normal
speed to the first stopping point. Here
the catchers stop and carefully inspect
each other and the surrounding ground and
vegetation. Any tsetse flies seen should
be caught, examined and kept. After two
or three minutes the catching party moves
on to the next stopping point. Caught
flies are killed by squeezing the thorax,
and transferred to the collecting tube.

This procedure continues to the end
of the fly-round. Sometimes the
flies are kept alive, to be released
at the end of the fly-round, or for
other purposes.
7.8.3.4 Keeping records The man in charge of
the catching party will write down for each fly
caught the following information on the fly-round
daily record sheet (Figure 7.6):
(a) Its species, its sex, and whether it
is teneral or non-teneral (see 7.5).
This information will always be
required, what ever the purpose of
the fly-round.
(b) If information is required on the
state of hunger of a Glossina
morsitans popula tion, then hunger
staging of non-teneral male flies
should be carried out each time one
is caught. The method of doing this
is described in 7.6.
The same man, or his supervising officer,
will add up the fly-round records for the whole
month and present them on a monthly fly-round
record sheet. The exact layout of this may vary
from one national tsetse control service to
another, but it should show the total number of
teneral and non--teneral males and the total number
of teneral and non-teneral females caught for
each species for each fly-round, and the number of
times in the month that the various fly-rounds
have been patrolled.
It may be required, particularly for
vegetation fly-rounds, for a sketch map to be
presented each month showing the number of flies
by species caught within each vegetational section
of the fly-round.
The supervising officer in charge of all
the fly-rounds in a district will receive records
from catching parties. He will ensure that flyrounds are patrolled regularly and in a
satisfactory manner. He may also require all
caught flies to be brought to him, to check on
totals of different species.

Fig. 7.6

An example of a fly-round daily record sheet.

The supervising officer keeps the
monthly records in good order, analyses them and
compares them with previous months and previous
years.
He will keep a list of the monthly
totals and display the figures in a convenient
form, such as a histogram (Figure 10.21). This
will show the variations month by month
throughout the year, and make it easy to compare
one year's results with those of previous years.
7.9
STATIONARY CATCHES BY A CATCHING PARTY
(PICKET)
A catching party may be posted
temporarily or permanently at a particular place
to sample the local tsetse fly population. This
arrangement is sometimes called setting up a
picket.
The function of a picket may be:
(a) to assist in survey, by searching
for flies being carried on
traffic from a certain area being
studied.
(b) to reduce the number of tsetse flies
entering and penetrating deeply into
a cattle raising area on traffic
from a nearby fly belt.
By traffic is meant both wheeled traffic
(lorries, cars, bicycles) and pedestrians.
7.9.1

Picket construction
(a) Temporary picket. One or two men
may be posted on a road or track to
check if any tsetse flies are being
carried along this route, and if so,
how many. The main question to be
answered may be whether cattle
further back along the route are at
risk, or whether there are any flies
in the other direction. This post
may be manned only for a few days,
and camp accommodation is all that is
needed.

(b) Permanent picket. Two men may be
posted generally near the edge of a
fly belt, on a more permanent basis.
They and their families will require
housing of local
design.
(c) Bicycle chamber. In heavy fly areas
so many flies may be carried by
cyclists
(especially those carrying loads of
dried fish) that it would be
impossible to catch even most of them
by usual methods. In such places a
bicycle cage may be constructed of
mosquito copper wire mesh on a wooden
frame. The cyclist then enters
straight in, and the tsetse control
staff can catch or spray the tsetse
flies accompanying him.
(d) Vehicle chamber. In the same way it
may be required thoroughly to de-fly
large lorries entering a fly-free
cattle zone. A large garage-like
structure has to be
built mainly of corrugated iron sheets
attached to a strong wooden frame.
Windows,covered with copper wire mesh,
are put in the walls at about head
height so as to attract flies to a
point where they can
be caught or sprayed easily,
after the lorry has been driven
in and the doors closed.
7.9.2
Picket operation In general, pickets
will stop traffic at a certain point, examine each
vehicle or pedestrian for tsetse flies and catch
these flies. Before cars and lorries are allowed to
proceed, places on the vehicles where flies might
still be resting and hiding are sprayed with
insecticide (5% DDT), using a knapsack sprayer or
small hand pump. The interior of vehicles may be
sprayed with a domestic aerosol insecticide.
Pickets remain on duty from sunrise to
sunset.
A daily record of picket catches and
traffic will be kept, according to local
instructions.

The national tsetse control department should of
course have the necessary legal authority to stop and
examine traffic in this way.

7.10

COMPOSITION AND INTERPRETATION OF
TSETSE FLY
SAMPLES
7.10.1
tsetse
flies,
flies,
flies,

Problems of sampling Any field population of
flies will consist of a mixture of old and young
hungry and recently-fed flies, male and female
virgin and mated flies, pregnant and non-pregnant
and so on.

If we could catch and examine all the flies in a
field population, we would have a true picture of the
composition (or make-up) of the population.
In fact it is normally quite impossible to catch
all the flies in a population. Usually all we can do is
to catch quite a small percentage of the total number of
tsetse flies living in an area. This is called a sample of
the tsetse population.
The composition of the sample may to some extent
allow us to estimate the composition of the total population from which the sample has been taken.
But the composition of the sample will depend on
the method used to catch or trap the flies, as well as on
the composition of the total population that the sample
came from.
For example, we know that the flies emerging
from pupae are male and female in roughly equal numbers. We
also know that female tsetse flies live longer than male
tsetse flies in the field. Therefore, we know that a
field population of flies will normally have more females
in it than males. But if we examined the catch of a
Morsitans group species taken by a typical fly-round, we
would find that most of the flies were males. The sample
in this case has quite a different composition from the
fly population from which it was taken. We say that the
sample is biased.

Practically every method of collecting flies in
the field has this disadvantage, that the sample may not
give an accurate indication of the field population. A
method that results in a sample that may be less biased
than most is the electrocuting trap method (see 7.2.2),
which is one main reason why there is a lot of interest in
this at the present time. So far, the electrocuting trap
is mainly a research tool, but it may perhaps become more
widely used later, as a routine method of collecting
flies.
When examining any sample of tsetse flies, it
is essential to know how it was collected, and the bias
that this sort of collecting will normally give.
7.10.2

Methods of sampling and interpreting the
results
(i) Collecting by fly-round: species composition and availability.
A fly-round may be used to sample populations of
most species, but especially of Glossina
morsitans, G. longipalpis, G. pallidipes, G.
palpalis , G. fuscipes and G. tachinoides.
Glossina pallidipes is much less strongly
attracted to man than is G. morsitans; an
ordinary fly-round catch will therefore be
biased towards G. morsitans and away from G.
pallidipes. This may be partly overcome by
the use of a bait ox, which is attractive to G.
pallidipes as well as to G. morsitans.
Glossina longipalpis is more likely to settle
on nearby vegetation, rather than on the
catching party. The catching party should be
aware of this, otherwise the catch may contain
fewer G. longipalpis than it should.
Glossina tachinoides comes to a catching party if
this remains still and quiet for some time. A
catching party that moves quickly through G.
tachinoides habitat will capture fewer G.
tachinoides than it should.

Fewer Glossina palpalis and G. fuscipes may be
caught by a catching party on an ordinary flyround, than we would expect in the case of G.
morsitans.
A fly-round through Glossina fusca habitat nay
catch none of this species unless a bait ox is
used. The flies have to be looked for on their
tree trunk or hanging creeper resting places.
All these species are said to differ in their
availability, the readiness with which the flies
come to man.
(ii) Collecting by fly-round: sex ratio.
Most flies of the morsitans group that come to
a fly-round catching party are non-teneral males
that are not hungry. It is believed that the
males come to the group as though it were a
normal host animal moving through the bush, and
this brings them into a good position to find
unmated females coming for their first blood
meal. The number of fed females coming to the
catching party is normally small. If the
proportion of females to males increases this is
taken to indicate a hungry population.
(iii) Collecting by fly-round: numbers.
If particular places, for example certain vegetation types, consistently give larger catches
of tsetse flies, it is natural to suppose that
these concentration areas have a larger population of flies living in them. This may be
correct, and sane successful eradication schemes
have been carried out after surveys have identified favoured habitats in this way.
Comparing numbers from one season to another
using the results of fly-rounds, is more complicated; there is the possibility that in one
season the flies may be more hungry than in

another, and this may account for an
increase in the number of flies coming to
the catching party. The changes in numbers
caught from one season to the next has to
be studied together with the hungerstaging records, and other factors.

CHAPTER 8
BASIC TECHNIQUES FOR THE STUDY OF
GLOSSINA IN THE LABORATORY

8.1

MAINTENANCE OF LIVE PUPAE

Tsetse pupae may be kept in a dish of clean,
dry sand placed in a cage. The cage should be placed in
a darkened room in which it never gets very hot or very
cold. Temperatures of about 22°-25°C are most suitable.
Pupae should be kept at about 80% relative humidity. If
proper humidifying equipment is not available then trays
of damp sand should be placed near to the pupae but not
directly in contact with them. Pupae should not become
damp.
If the aim of the work is to rear parasites of
the pupae, then the tsetse pupae should be placed
individually in glass specimen tubes plugged with cotton
wool. The very small parasitic wasps that may emerge
will not be able to escape, whereas they may be able to
do so from a cage of ordinary terylene or nylon netting.
8.2

HANDLING, STORAGE AND TRANSPORTATION OF
LIVING FLIES

8.2.1
Handling and feeding The instructions given
here should help the field worker keep his field-caught
flies alive for a few days or weeks. They are not
intended to give all the details necessary for keeping a
colony going indefinitely, as this is very specialised
work.
Living tsetse flies should be treated with
great care if it is intended that they should be kept
alive.
They should be kept well away from insecticides,
fresh paint, smoke, strong chemicals, bleach, petrol and
diesel fumes, and direct sunlight. No one who has been

handling insecticides, or who is wearing clothes worn when
insecticides have been handled, should come near to the
living flies.
If a controlled environment room is available,
then flies are best kept at or near 25°C and 70-80%
humidity.
Under field conditions it may be possible only
to keep the flies from getting too hot or too cold; trays
of damp sand should be placed beneath the cages to
maintain high humidity. Cages should be kept in a wellshaded place protected from cold night air.
If the flies are caught in the field, they
should be given the opportunity of feeding on the same day
as capture, and on each successive day.
Suitable hosts for feeding the flies are a goat,
a rabbit or a guinea pig, all of which should be
protected from trypanosomiasis by drugs. The host animal
should be held in position in a pen with straps or harness
(goat) or by being placed in a box (rabbit or guinea pig).
The side of a goat or guinea pig, and the ear of a rabbit,
are suitable places against which to put the cage of
tsetse flies for feeding. Any thick hair at the place
where the cage is placed should be clipped off, and the
animal washed with soap and water.
8.2.2
Cages (Figure 8.1) Flies may be kept in
individual glass specimen tubes, or in larger cages.
Glass specimen tubes (Figure 8.1 A) are useful
for keeping individual flies. The tube will have the
open end covered with netting. A number of specimen
tubes can be kept fastened together by means of a strong
elastic band. Wide plastic tubing can be used instead of
glass specimen tubes. One end is covered with netting,
and the other has a cork bung.
It may be convenient to keep several flies
together in a single larger cage. A Geigy cage (Figure
8.1 B) is suitable; it has a rectangular metal frame of
3 mm diameter stainless steel wire, and is covered

Fig. 8.1 Cages and killing bottle; A, a cage made
from wide plastic tubing, having one end
corked and the other end covered in
netting: suitable for keeping individual
flies; B, a Geigy or Ronband cage; C, a
killing bottle consisting of a corked
glass specimen tube containing cotton
wool with a few drops of ethyl acetate at
the base, and a layer of clean white
paper above the cotton wool; D, a cage
with a frame made of plastic tubing cut
across and moulded into the required
shape.

with black terylene netting. At one end is a hardboard
wall with a round hole; through this hole flies can be put
in or taken out. When not in use the hole is fitted with a
cork bung.
The following sizes of cage have been widely
used:
Size 25

Houses 25 female
flies

Size 10

Houses 10 female
flies

Dimensions:
25,4 x 12.7 x 5 cm
(10 x 5 x 2 inches)
Dimensions:
15 x 8.5 x 5 cm
(6 x 3.4 x 2 inches)

Cheaper cages can be made of locally available
materials. One design uses plastic piping as the side
walls, with terylene netting fixed across the open ends of
the piping (Figure 8.1 D).
To remove either dead or living flies from the
cage, a pooter may be used to suck them out. Two types
are illustrated in Figure 8.2.
*
8.2.3
Transportation Before sending flies to a distant
place, they should be fed in the morning of their
departure. The labelled cage or cages should be carefully
packed, remembering that the package may have to stand in
the open in the sun. A good arrangement is to surround the
cage or cages with plenty of clean packing material, and
place within a polystyrene box. This can then be covered
with brown wrapping paper. Cages may also be packed in a
clean damp floor cloth.
A polystyrene box is useful because it is a good
insulator, and is very light in weight. But a cardboard box
will be satisfactory if there is plenty of clean packing
material inside around the cages.
It is not practicable to send living flies
through the mail, because it will take too long. Pupae can
be sent through the mail, as they require no feeding.

Fig. 8.2

Two forms of pooter; the glass
tubing used to construct these
should have their cut ends smoothed
by heating in a flame.

8.3

PRESERVATION OF DEAD MATERIAL

Dead flies or pupae may have to be
preserved for any of the following reasons:
(a) the identification of a fly nay be
doubt ful, and it is intended to keep
the specimen for an expert to
examine later.
(b) a reference collection may be needed
so that new personnel may be trained
in the identification of Glossina
species.
(c) a collection may be needed for
research purposes.
8.3.1
Killing the flies If good specimens of
tsetse flies are needed for a collection, the
flies are best killed by a poison vapour, rather
than by squeezing the thorax which may damage the
specimen.
Ether, chloroform or ethyl acetate vapour
may be used to kill the flies. Ethyl acetate is
the best, and is safer to use than the other
fluids. It can be obtained as a liquid from large
chemists. It is inflammable, so take care.
A convenient method of getting flies into
the vapour, but keeping them away from the liquid,
is shown in Figure 8.1 C. A piece of cotton wool
or paper tissue is placed at the bottom of a
specimen tube, and a few drops of the killing
fluid to be used (preferably ethyl acetate) are
placed on to the cotton wool. Then a piece of
clean plain paper is pushed into the specimen
tube, but not so far that this paper touches the
damp cotton wool. Then the tube is corked and
left to stand for a few minutes. Flies put into
the tube will be immobilised and killed in a
minute or so.
8.3.2
Pinning of flies (Figure 8.3) The usual
method of preserving insects, including tsetse
flies, is by pinning and keeping in an air-tight
box. A stainless steel entomological pin is pushed
through the dorsal side of the thorax, preferably
while the fly is still fresh.

Fig. 8.3

Pinning and setting flies and pupae for a collection; A, a fly
pinned and labelled without setting; B, a fly pinned, set and
labelled; C, using entomological forceps to handle pinned flies;
D, mounting and labelling pupae; E, setting a freshly killed
fly; F, fly and data label on a pin.

The fly should be placed slightly more than halfway up the
pin. A data label (Figure 8.3 F) is added underneath and
the point of the pin pushed well into the cork lining of a
storage box (see 8.3.4).
Flies kept like this are useful for many purposes, but more arranging of the parts of the fly is
needed in order to show the abdomen and the tarsi clearly.
For the collection to be of the greatest value,
the fly should be placed, while still fresh, in a position
that displays the wings, abdomen and legs clearly (Figure
8.3 E). Cork setting boards can be obtained from suppliers of entomological equipment, or a substitute made.
The wings and legs are spread out as shown. The wings
should be kept in position by paper strips pinned over the
ends of the wings. The legs should be pushed into
position with pins.
The insect should be left on the setting board
for a few days, until it hardens. The setting board
should be kept safe in a dry box away from ants and otter
creatures that might damage the specimens. When the fly
is hard (in 3 or 4 days), the paper over the wings can be
removed, as well as any supporting pins for the legs. The
data label is added and the pinned specimen placed in the
storage box.
8.3.3
Pinning of pupae A pin cannot easily be
pushed through a pupa without causing a lot of damage
to the shell (puparium). To avoid this, it is usual to
mount pupae by sticking them with glue to cards which
are then pinned (Figure 8.3 D). Data labels are added,
and the specimen put into the storage box.
8.3.4
Labelling All specimens must be labelled.
The information on the data label should include:
Exact place of capture Date
of capture Collector's name
Name of insect (if known) Any
other special information

sometimes the label is positioned face downwards, so that
the information can be read when the fly is picked up and
examined from beneath (Figure 8.3F). This is particularly useful when two data labels are used.
8.3.5
Storage The collection of pinned flies should
be kept in an airtight box lined with cork or with cer
tain types of cork substitute (expanded cross-linked
polyethylene). Boxes may be made of wood, or they may
have a glass top so that the insects may be looked at
without lifting the lid. Par most purposes a wooden
storage box lined with cork is best.
Unpinned flies may be kept by placing them
between layers of wadding (many layers of soft paper)
with their labels, and packing the flies and paper in
an airtight box.
8.3.6
Preservative To keep away very small insects
that would eat the stored specimens, a small cloth bag
containing paradichlorobenzene is pinned in one comer
of the box. Most commercially-made storage boxes have
slots already provided, in which the paradichlorobenzene
can be placed. It has to be renewed every few months.
Paradichlorobenzene is sometimes available in
shops selling household goods, as 'mothballs'.
Care should be taken not to touch the insect
specimen itself as it will easily break. If a head or
other part does break off, it should be re-attached to
the rest of the body immediately using a small drop of
adhesive (the type used for sticking together plastic
pieces).
8.3.8
Wet preserved material Pinned flies dry up
during the first few days of storage, and the soft parts
are useless for further study. The soft tissues of the
tsetse flies may be needed, for instance for microscopical
sectioning, or for examination of the ovaries, and in such
cases the specimens are preserved wet.
If needed for later sectioning, the commonest
fluid used for preserving specimens is Bouin's fluid.

This is normally obtained in a condition mixed ready for
use. It contains the yellow poison, picric acid, and
should be handled with care. Material can be kept for a
few weeks in this fluid, before use.
A fluid often used to keep tsetse tissues for a
few days awaiting dissection is Machado's fluid, which has
the following composition:
90-95% alcohol

—
Distilled water
—
Glacial acetic acid —
Glycerine
—

10 parts
4 parts
1 part
1 part

8.3.9
Maceration It may be necessary to use parts of
dry preserved flies far microscopical examination. This is
often needed in order to identify the fly species: usually
it is the male genitalia that have to be studied in this
way. Ho make the softer parts of the fly transparent, the
specimen has to be wanned in 10% caustic potash (KOH) for
a few minutes. This clears away unwanted tissue, leaving
only the chitinous (skeletal) parts, which can then be
mounted for microscopy (see 10.1 for practical details).
Alternatively 5% caustic potash acting at ordinary
temperatures for 48 hours gives excellent results.
8.4

INSEMINATION RATE AM) PREGNANCY
RATE DETERMINATIONS

Estimates of insemination rate and the pregnancy
rate in tsetse flies are sometimes needed for research
purposes. Normally, the two examintions are carried out
together on the same sample of flies.
If a fly is pregnant, then it will always be
inseminated, but an inseminated fly is not always pregnant.
A dissenting microscope is essential for this
work.
8.4.1 Insemination rate The insemination rate is
the percentage of females having sperm in the spermathecae.

To find out if the female has been inseminated
fresh specimens should be dissected. Place the female
fly on its ventral surface, cut the abdomen by means of
a small nick on either side, between segments 6 and 7.
Scissors or a fine-pointed scapel blade can be used.
With forceps pull back the rear end of the abdomen,
revealing the reproductive system. Locate the two
spermathecae. These are two light brown spherical
bodies lying between the two white ovaries (Figure
2.5). One pair of forceps is used to pull out the
spermathecae by gripping the spermathecal ducts, and
they are transferred to a small drop of saline on a
microscope slide. A cover slip is placed on top of the
preparation. Usually, if sperm are present in the
spermathecae, they can be seen under xl00 as a dark
shadow near to the exit of the permatheca,

Fig. 8.4

Appearance of sperm within the spermathecae,
as seen under the microscope (xl00)

(Figure 8.4). Sometimes they fill all or nearly all the
spermathecae. If it is still not clear whether sperm
are present, the preparation can be gently crushed
(drawing off some of the saline solution by touching the
side of the cover slip with a filter paper), and examined
under a phase contrast microscope. Individual sperm can
then be seen, if they are present.
A spermatheca from an unmated female fly appears
clear, has no clouded Or opaque area close to the exit,
and no sperm will be detected when the spermatheca is
crushed and examined with phase contrast.
It is not easy to examine spermathecae for the
presence of sperm in preserved flies; Only fresh material
is useful.
8.4.2
Pregnancy rate The pregnancy rate is the percentage of females having an egg or a larva in the uterus.
To find out if a female is pregnant, fresh
specimens are dissected with watchmakers' forceps as
described in 8.4.1. The uterus is located and pulled
open and examined for egg or larva inside.
The tube that contained the captive fly should
be examined, in case a larva has been aborted before
dissection.
Under good laboratory rearing conditions a
pregnancy rate of nearly 100% is possible.
8.5

AGE DETERMINATION

The age of tsetse flies can be determined by
examining the fly. This work can be important for
studies into disease transmission.
An older fly is more likely to carry a mature
trypanosome infection than a younger one.

(a) because an older fly will have had
more chance to become infected
(b) because an older fly will have had
more time for its infection to
become nature
(see Chapter 6).
There are two main methods of
estimating the age of flies by direct study:
(i) by wing fray
analysis (ii) by ovarian
analysis
8.5.1

Wing fray analysis

8.5.1.1 Background information This technique
is used mainly for Glossina morsitans and G.
swynnertoni males. If it is proposed to use it on
any other species, special tests will have to be
carried out by the research chief.
When a fly emerges from the pupa, the
soft wings spread out to their full size and
harden; the margin of the wing is perfect at this
stage, without tears or irregularities. But later
the wing becomes torn, particularly along the
trailing (rear) edge of the wing, because during
its daily activity the fly may brush against
vegetation and the animals it feeds on, or may
fight with other flies or may be attacked by
predators. The wings therefore gradually become
more tattered with age, so that a very old fly has
wings with badly torn edges.
An investigator released a number of
newly emerged male flies into the bush and
recaptured them at various dates afterwards. He
examined the amount of tear on the wings of these
flies,and made sketches of typical examples from
each age group. These sketches form the basis of
the standard figures shown in Figure 8.5. As a
result of this work, another investigator today
can capture male Glossina morsitans , compare the
amount of wear on the wings of these flies with
the set of standard figures and so make a rough
estimate of the age of the captured flies.

Fig. 8.5 Six stages in fraying of the tsetse wing,
with age.

8.5.1.2
follows:

Method

Details of the technique are as

(i) Only male flies are normally used.
(ii) Care is taken not to damage the wings
during the capture of flies in the field.
(iii) In the laboratory the wings of the fly
are carefully cut off and placed in a drop
of water on a glass slide.
(iv) The wing is examined through a low-power
microscope and the degree of wear and tear
on the trailing edge of the wing compared
with the set of standard figures (Figure
8.5). The wing being examined will not
look exactly like any of the figures, but
the amount of wear-will probably correspond
better with one of them than with any of
the others. This figure is chosen, and its
number is written down.
(v) This procedure is followed using a number
of flies; the greater the number of flies
used , the more accurate will be the estimate of the average age of the flies of the
sampled population. At least 30 flies
should be examined. The technique does not
estimate the age of an individual fly.

8.5.1.3 Calculating the result To work out the average
(mean) age of the fly population from the wing fray data,
the procedure is as follows:
(i) The number of flies falling into each of the
wing fray categories 1-6 is written down.
(ii) The number falling into category 1 is multiplied by 1 (that is, the number remains
the same) and the result is written down in
a totals column. The number falling into
category 2 is multiplied by 2; the

number in category 3 is multiplied by 3; the
number in category 4 is multiplied by 4.4;
the number in category 5 is multiplied by
5.5; and the number in category 6 is
multiplied by 6.9.
(ill) All these products are added to make a
total that has to be divided by the number of
flies in the sample. The result is known as
the mean wing fray value (MWFV). An example
of this procedure is given in Table 8.1.
(iv) By referring to Table 8.2, an estimate of the
average age of the sample can be made.
Table 8.1 Example of analysis of wing fray data
from 40 flies.
Wing fray
category

1
2
3
4
5
6

No. of flies
in each
category

5
20
9
5

1

0
40

total
flies

Factor

Product

1
2
3
4.4
5.5
6.9

5
40
27
22
5.5
0
99.5
total
(sum of products)

In our example, the MWFV is 2.7. This corresponds to
an estimated average age of 20 days, for the sample as a
whole. This means our estimate of the average age of all
the tsetse flies in the sample is 20 days; it does not
mean that any particular fly is 20 days old.

Table 8.2 Showing the correspondence between mean
wing fray value (MWFV) and estimated
average age in days of flies in sample
(Est.age).
MWFV Est.age

MWFV Est.age

MWFV Est.age

MWFV Est.age

1.6

11

2.8

21

3.9

31

5.1

41

1.8
1.9
2.0
2.1
2.2
2.3
2.4
2.6
2.7

12
13
14
15
16
17
18
19
20

2.9
3.0
3.1
3.3
3.4
3.5
3.6
3.7
3.8

22
23
24
25
26
27
28
29
30

4.0
4.2
4.3
4.4
4.5
4.6
4.7
4.8
5.0

32
33
34
35
36
37
38
39
40

5.2
5.3
5.4
5.5
5.6
5.8
5.9
6.0

42
43
44
45
46
47
48
49

-

-

8.5.2
Ovarian analysis For estimating the age of
female flies there is available a much more accurate
method than the wing fray method used for male flies. This
is the ovarian analysis method. It involves dissection to
examine the ovaries and uterus. Although it is more
complicated because dissection is involved, the age of
individual flies can be estimated.
The appearance of the ovaries at different
stages during and after the production of successive eggs
is shown in Figure 8.6, together with the estimated age in
days.
The ovaries in flies older than 80 days repeat
the cycle already passed through as they progress from 40
days to 80 days old, and so cannot be distinguished from
those age groups. Flies with very tattered wings may be
assumed to belong to older rather than younger age
categories, but this method must be used very cautiously.

Fig. 8.6 To show the successive changes in the
ovaries with increasing age in Glossina (diagrammatic)

8.5.2.1 Routine for the dissection of female
Glossina
Freshly caught flies, or flies caught
and immediately placed in an ice box, are the best
material to use for the following dissection. The
routines require an appropriate note to be made
on a data sheet (see later).
(a)

Remove wings and legs. Examine
wings,if wing fray estimate is to
be made.

(b)

Dissect open the abdomen to show
the female reproductive system. To
do this,place the insect dorsal
side uppermost, on a slide on a
black background. Cut the abdomen
by a small nick on either side,
between segments 6 and 7, using
small scissors or a fine blade
(scalpel or Borradaile needle).
Then pull back
the cut part of the abdomen slowly,
to reveal the female reproductive
system.
Add a drop of 0.9% saline, or
water.Note if the fly has fed or
not.

(c)

Examine spermathecae. Estimate
sperma- thecal index (0 =
apparently empty;
1-10 increasing amounts of sperm,
to apparent maximum capacity).

(d)

Which ovary is larger? The ovaries
may either be left in place for
later attention, or can be cut off
close to the uterus and transferred
to a drop of clean water for later
dissection.

(e)

Open the uterus, to reveal the
contents. Is the uterus
(a)
(b)
(c)
(d)
(e)
(f)

(f)

empty
with a spermatophore
with an egg
with a 1st instar larva
with a 2nd instar larva
with a 3rd instar larva?

Examine the larger ovary
Is the inner or the outer ovariole larger? (If
this point is difficult to determine, examine
the other ovary).

(g)

Dissect the largest ovariole to see if
it has a follicular relic. If this
dissection is spoiled, examine the second
largest ovariole for its follicular relic.

(h)

Determine the physiological age. (See
interpretation of results).

Notes
(i)

(ii)

(iii)

If it is a virgin fly then there is no
need to dissect for follicular relics
(except to gain practice).
If the inner right ovariole is the
largest ovariole, and the uterus contains
an egg or larva, do not bother to dissect
for follicular relics, as all ovarioles
will have than.
If the outer left ovariole is the
largest, then your dissection for
follicular relics should be carried out
with every care, as the second largest
ovariole (the inner right) is certain to
show a follicular relic and therefore is
of no help in identifying the ovarian
category.
(iv)

A data sheet can be drawn up to
record the required
information; Fly number, sex,
wing fray category, fed/non—fed,
spermathecal index, largest ovary
(L/R) , uterine content
(empty/speniatophore/egg/
lst/2nd/3rd instar larva),
largest ovariole
(yes/no/spoiled), folli-cular
relics in second largest
ovariole (yes/no/spoiled), estimated physiologocal age, special
notes.

(v) If the dissections are part of a
survey following an aerosol spraying,
then it can be very useful to measure
the size of the largest (inner right)
ovariole in flies of ovarian category
0, to the nearest 0.1 ran. This can
be used to distinguish very young
flies from slightly older flies still
in category O.
8.5.2.2

Interpretation of results of
ovary/uterus dissection.

Female flies can be age-graded according
to the contents of the uterus, the relative
development of the four ovarioles, and the

presence or absence of fol-licular relics in these
ovarioles.
Flies in the ovarian, categories 0-3 (see
Fig. 8.6) can be age-estimated with considerable
accuracy and certainty. Unfortunately flies in the
next four ovarian categories (4-7) cannot with
certainty be distinguished from flies in the
succeeding four ovarian categories (8-11) or the next
four after that (12-15). The reason is that successive
ovulations can make no difference to the number of
follicular relic as all
ovarioles have than at this stage.
The scheme summarised in Figure 8.6 shows how
this age-grading may be done. Two examples will illustrate how this scheme may be used.
Example 1. Fly with inner left ovariole
largest; this ovariole with no follicular relic; 3rd
instar larva present in the uterus. By reference to the
chart this fly would fall into ovarian category lc, and
could therefore have an estimated physiological age of 1619 days.
Example 2. Fly with outer right ovariole largest; this ovariole with follicular relic; uterus empty.
By reference to the chart this fly would fall into ovarian
category 6c, 10c or 14c and could therefore have an estimated physiological age of 67-70 days, or 107-110 days, or
147-150 days. The youngest of these possibilities is the
most likely to be the correct category, but the degree of
wing fray may be a guide here.
8.6

BLOOD MEAL, IDENTIFICATION

8.6.1
Background information The purpose of identifying blood meals is to find out what host animals are
being fed on by tsetse flies in an area. This could be
useful in planning control and eradication schemes.
Research involving blood meal collection and identification is quite complicated, and should be started only
after careful planning and consultation.
Before any blood meal collections are made, the
senior field worker will have consulted the laboratory
which is to make the identifications. The laboratory will
have said whether it is able to co-operate, and if it is,
will have made suggestions that will be of assistance to
the field workers.
At present, blood meal identifications outside
Zimbabwe are carried out at The Immunology laboratory,
Imperial College Field Station, Silwood Park,
Sunninghill, Ascot, Berkshire, United Kingdom; and
Robert von Oster-tag Institute, D-1000 Berlin 33,
Federal Republic of Germany.
8.6.2

Equipment

Basic equipment needed includes

nets, numbered fly cages or tubes, desiccator,
dissecting instruments, filter paper and grease proof
paper. Ideally a refrigerator should be available,
but it is not absolutely essential. Blank data sheets
(Figure 8.7 B) and labelled filter papers (Figure 8.8
A) should be prepared before field collecting work
starts. These data sheets should be filled in as the
blood smears are prepared.
8.6.3
Collection of specimens For the best
results,recently-fed flies should be collected. These
will be resting flies. The field worker will have to
have de tailed local knowledge of the flies' habits
and ecology (see 7.4) in order to find and catch
engorged flies. Sane preliminary work should be done
to make sure that such flies can be found.
Occasionally, flies caught in traps may
also be engorged, but usually trap-caught flies will
be hungry and therefore quite unsuitable for blood
meal identification. Sticky paste applied to tree
trunks may capture some recently-fed flies.
Flies should be captured from a variety of
habitats in the study area. The catching team should
not concentrate on one or very few local habitats,
otherwise the results will not be typical of the whole
area. If possible, the area should be studied at
different times throughout the year, in case the
feeding pattern changes with the seasons.
A small total number of flies, say 20, will
not give useful information; in fact such information
may be misleading. More than a hundred blood smears
are needed in any survey.

Fig. 8.7 Method of recording blood meal squashes.A,
"Blood meal for identification sheet".B,Data
sheet for recording details of each fly from
which blood smears have been taken.
8.6.4
Preparation of specimens and records Flies
caught in the field are brought back to the camp/laboratory as quickly as possible and identified. The flies may
be kept in an ice box or refrigerator, if available, until
dissected. This helps to delay the digestion of the blood
meal.
Blood smears and records are prepared, dealing
with each fly in turn as follows:
(i) The following information is written down
on a data sheet (Figure 8.7 B) against
the respective filter paper letter and
number (see Figure 8.8 A): species, sex,
degree of engorgement of the abdomen, any
other remarks.
(ii) The abdomen is then cut off with a clean

scalpel or with scissors.
(iii) With clean forceps, the blood-filled gut
is pulled out of the abdomen on to the
next available space on a Whatman's No.l
filter paper, already drawn up (in pencil)
as shown in Figure 8.8 A.
(iv) The blood is smeared on to the filter
paper, pressing with the side of the
scalpel blade. The remains of the fly
are thrown away, unless required for
other studies.
(v) The dissecting instruments are washed in
clean water, carefully wiped with clean
paper towels, washed again and inspected,
before dealing with the next fly.
Failure to clean the instruments properly
will lead to false results.

Fig. 8. 8 Method of making blood meal smears.
A,making the blood meal smear by dissecting the gut
contents on to a filter paper; B, storing the filter
papers between grease proof paper in a desiccator.
8.6.5
Preserving the blood smears When a filter
paper has been filled up (with eight blood smears),
it is placed carefully into a desiccator, and a
circular sheet of grease proof paper cut to the same
size is placed on top. The next filter paper with
blood smears, when placed into the desiccator, will
therefore not come into contact with the other
samples. The desiccator is kept in a refrigerator (at
4˚C) if available.
If an ordinary desiccator is not available,

then an air-tight plastic box (even a bag) containing
coloured silica gel may be used. The silica gel
appears blue when fresh, but when it goes pink, it
should be taken out and gently wanned on a metal
tray, to bring it to the fresh condition again.
A “Blood meals for identification” record
sheet is filled in, with date and details of the
collection area, such as a list of possible hosts,
exact locality and the tsetse species present (see
Figure 8.7 A).
The filter papers may be kept for some
weeks in this condition, but not longer than 1-2
months. The filter papers (and grease proof sheets)
together with the data sheets and “Blood meals for
identification” sheet, should be carefully packed in
waterproof covering, sealed in an envelope and sent by
airmail to the blood meal identification laboratory.
Identification may take some weeks. The
laboratory may ask for further details to assist
their work.
8.7

TRYPANOSOME INFECTION RATE DETERMINATIONS

The trypanosome infection rate is the
percentage of flies having mature (fully developed)
trypanosome infections in the gut, proboscis or
salivary glands.
Infection rates are determined (found out)
by dissecting these organs, and examining them under
the microscope. Infection rates depend on the age of
the fly,
so that the age of flies has to be determined also
(see 8.5).
8.7.1
Killing the flies Dissections are
carried out on freshly killed tsetse flies. Ether,
chloroform or ethyl acetate vapour nay be used to
kill the flies (see 8.3.1) (or the flies may be
immobilised by gently squeezing the thorax, but
care must be taken that the fly is not so damaged
that the dissections are spoiled). The fly should be
dissected as soon as possible after
killing.
8.7.2
Dissecting the flies After the fly is
killed,the wings and legs are pulled off. The
proboscis, mid-gut and proventriculus, and salivary
glands are the organsnormally examined. The parts
are dissected into 5%glucose solution (or 0.9%
saline solution} and examined for trypanosomes
under a magnification of x400, using the compound
microscope.
Method 1
(a)

(long method)
Salivary glands Use a dissecting

microscope giving a magnifying power of x20 or x30.
Cut off a thin strip from the left and right edges
of the abdomen. Pin the fly on to a waxed dish, so
that its ventral side is
uppermost; cover with glucose or saline solution.
Cut across the ventral wall of the abdomen at the
front end, so that the ventral wall can be turned
back and pinned.The salivary glands should be
looked for at the front corners of the abdomen and
pulled back gently using fine (watchmakers')
forceps. Pull them out one by one and place in a
drop of glucose solution on a slide and cover with
a cover slip. The interior of the salivary gland
should be examined for trypanosomes, using x400
magnification.
(b)
Proboscis The proboscis can be pulled
off for separate examination. The three parts,
labium, hypopharynx and labrum should be spread
out like a fan (Figure 8.9) in glucose solution. A
cover slip is placed
so that the age of flies has to be determined also
(see 8.5).
8.7.1
Killing the flies Dissections are
carried out on freshly killed tsetse flies. Ether,
chloroform or ethyl acetate vapour nay be used to
kill the flies (see 8.3.1) (or the flies may be
immobilised by gently squeezing the thorax, but
care must be taken that the
fly is not so damaged that the dissections are
spoiled).
The fly should be dissected as soon as possible
after killing.
8.7.2
Dissecting the flies After the fly is
killed,the wings and legs are pulled off. The
proboscis, mid-gut and proventriculus, and salivary
glands are the organs normally examined. The parts
are dissected into 5%
glucose solution (or 0.9% saline solution} and
examined for trypanosomes under a magnification of
x400, using
the compound microscope.
Method 1

(long method)

(a)
Salivary glands Use a dissecting
microscope giving a magnifying power of x20 or x30.
Cut off a thin strip from the left and right edges
of the abdomen. Pin the fly on to a waxed dish, so
that its ventral side is
uppermost; cover with glucose or saline solution.
Cut across the ventral wall of the abdomen at the
front end, so that the ventral wall can be turned
back and pinned.
The salivary glands should be looked for at the
front corners of the abdomen and pulled back gently

using fine (watchmakers') forceps. Pull them out
one by one and place in a drop of glucose solution
on a slide and cover with a cover slip. The
interior of the salivary gland should be examined
for trypanosomes, using x400 magnification.
(b)
Proboscis The proboscis can be pulled
off for separate examination. The three parts,
labium, hypopharynx and labrum should be spread
out like a fan (Figure 8.9) in glucose solution. A
cover slip is placed

Fig. 8. 9

Magnified appearance of food canal
and hypopharynx of Glossina infected
with trypanosomes.on top. The dissected
parts are examined at x400, with special
attention given to the hypopharynx.

(c)
Midgut The midgut can now be removed,
cut into small pieces and examined under x400 in
the same way. If the proventriculus is required, it
can be found by cutting away the ventral side of
the thorax, exposing the ganglion (nerve mass).
This ganglion is carefully removed, and the
proventriculus lies immediately beneath this and
can be pulled away using fine forceps.
Method 2

(a)

(this is a quicker but less precise method of
dissection)
Salivary glands

The fly is held with one

pairof fine forceps, while another pair is used to pull
for ward the head of the fly so that it comes away from
the thorax; the salivary glands remain attached to the
head and are drawn out of the rest of the body. If the
glandsbreak, they can still be pulled out using fine
forceps. The glands are immediately mounted in 5%
glucose, a cover slip placed over them, and examined
under the microscope (Figure 8.10).
(b)
Proboscis The proboscis is separated by
pulling the proboscis bulb (thecal bulb) away from the
rest of the head. It is then mounted as described above.
(c)
Midgut To get at the midgut, the last 2 or
3 segments of the abdomen are removed by a cross-cut and
are thrown away. The remaining front part of the abdomen
is placed on to a glass slide, in contact with a drop
of glucose or saline solution; the contents (viscera) are
pushed out into the drop by placing a needle across the
abdomen and passing this backwards, pressing downwards
slightly. The emptied abdomen is discarded, and a cover
slip placed over the viscera. These are examined
microscopically, after applying a little pressure to the
cover slip to crush the viscera and to spread the material out.

Fig. 8.10

8.8

Dissected mouthparts and salivary glands
(Glossina brevipalpis), to show the
different appearance of infected and
uninfected salivary glands.
MEASURING THE SIZE OF GLOSSINA

Two methods have been used for measuring the
relative size of Glossina. One uses the size of the
'cutting edge' of the hatchet-shaped cell on the wing; the
other measures the size of the thorax.
8.8.1
Wing vein size The wings have to be cut off
the fly and mounted for microscopical examination. The
length of the 'cutting edge' of the hatchet-shaped cell
(Figure 8.11 A, length X), is measured using a micro
meter eyepiece. Both wings are measured and the average
taken. Estimates of wing fray may be done at the same
time (see 8.5.1).
8.8.2
Thorax size A measurement that is known to
match more exactly the real size of the fly can be made
by multiplying together two lengths on the thorax:

(i) the distance between the points of insertion of the largest of the humeral
bristles on either side of the thorax
(Figure 8.11 B, length Y)
(ii) The distance between the base of the
median scutellar bristles and the mesonotal suture (Figure 8.11 B, length Z).
These distances are measured using a binocular
(dissecting) microscope fitted with a micrometer eyepiece.

Fig. 8.11

Dimensions useful in measuring the size of
Glossina; A, the "cutting edge" (X) of the
"hatchet cell"; B, the distance (Y) between
the points of insertion of the largest
humeral bristles on the thorax; and the
distance (Z) between the point of insertion
of the scutellar bristles and the mesonotal
suture.

CHAPTER

9

DESCRIPTION AND KEYS FOR THE
IDENTIFICATION OF GLOSSINA SPECIES

9.1

INTRODUCTON

The field worker may catch a tsetse fly and
be uncertain as to its species.
A key is a written scheme helping one to
identify the species to which a particular fly belongs.
Keys are often illustrated with figures, as the ones in
this chapter are.
The key works by presenting two
descriptions, with which the worker must compare his
specimen. One description will fit his specimen, the
other description will not. He notes the number on
the right, written against the correct description.
He will then look for the same number on the left hand
side further down the page, and will find two more
descriptions written there. These again will be
compared with his specimen. This process carries on
until instead of a number on the right, only a species
name is written. This is the name of the species to
which his specimen belongs.
The tsetse control department in each country
will no doubt draw up, if it has not already done so, a
simple key for the field identification of its own Glossina
species.
There is not enough room in this Manual to give
keys for the identification of Glossina species for each
country separately. Instead, keys have been made on a
regional basis. These are intended to help field personnel
become familiar with the important identifying features of
each species.
Identifying certain species can be very
difficult. For example, distinguishing many of the fusca
group species is difficult, requiring careful dissection
and preparation of parts for microscopical
examination. Telling G.fusci-pes and G. palpalis apart
can also be a problem.
Since most fusca group species are
unimportant economically, no attempt has been made in
these keys to separate species other than G.
longipennis and G. brevi-palpis. The differences
between G. fuscipes and G. pal-palis are very slight,
and the field worker is recommended to use the
distribution maps of these species to help him decide
which species he is dealing with. If a definite
identification of any of these species is needed, it
is suggested that the specimens should be sent to a
specialist for examination.

While most of the characters used in the key
are suitable for use in the field and require only a
x10 hand lens for their examination, some microscopic
features have been included. These are the shape of
the inferior claspers (G. tachinoides, G. palpalis)
and details of the superior claspers (morsitans
group).
9.2

CAFE AND USE OF HAND LENS

To use the hand lens, it should be held close
to the eye with one hand, while the other hand should
bring the fly to a position where it can be seen
clearly through the lens. Results are best if the fly
is held in the sunlight for examination. Never look
at the sun through the hand lens.
The lens should be kept clean. Wiping
carefully with tissue paper is useful in removinq
dust. Do not put your fingers on the lens. Do not put
the lens in water.
9. 3

CHARACTERS USEFUL IN THE IDENTIFICAITON
OF GLOSSINA SPECIES

9.3.1
Shape and proportion of the antenna
(Figure 9.1) Helps to distinguish G.
morsitans from G. pallidipes.
The length of the third antennal
segment of G. morsitans is less than four
times the width; in

G. morsitans
Fig. 9.1

Half side view of the head of Glossina
morsitans and G. pallidipes, to illustrate
(i) the antennal fringe of hairs which is
present in G. pallidipes, but not visible
using a xlO hand lens in G. morsitans;
(ii) the pronounced forward projection of the
third antennal segment in G. pallidipes,
compared with the G. morsitans condition.

Fig. 9.2 Ventral view of theca in Glossina morsitans
(typical of the morsitans group), G. palpalis
(typical of the palpal is group), G. tabaniformis (typical of fusca group, with the
exception of G. longipennis) and G. longipennis (note the darker apex to the thecal
bulb in this species).
G. pallidipes it is about five times as long as its
width.
The free end of the antenna (third
antennal
segment)
projects
forwards
in
G.
pallidipes much more than it does in G. morsitans.
9.3.2

Antennal fringe (Figure 9.1) Helps to distin

guish G. morsitans from G. pallidipes.
The hairy covering (antennal fringe) to the
front of the third antennal segment is much longer in
G. pallidipes than it is in G. morsitans. so that the
hairs in the first species are quite easily visible
with the aid of a xlO hand lens. The hairs in the
other species are much more difficult to see with a
hand lens.
9.3.3
Colour of underside of thecal bulb (Figure
9.2)
Helps to distinguish G. longipennis from other fusca
group species, and fusca group species from both
morsitans
group and palpalis group species.
The thecal bulb of morsitans group and palpal
is group is dark brown or nearly black when viewed
from beneath; the thecal bulb of fusca group flies is
very pale brown when viewed from beneath. The only
exception is G. longipennis, that has a darker apex
(narrow end) to the pale brown thecal bulb. This helps
to distinguish this species from G. brevipalpis, with
which it has an overlapping distribution.
9.3.4

Large hairs on the side of the thorax, below
the point of wing insertion (Figure 9.3)
Helps to distinguish fusca group flies from the
other two groups.
Fusca group flies have large hairs (bristles)
on the side of the thorax, just below the point of
wing insertion. Morsitans group and palpal is group
flies do not have large hairs at this place, although
there may be many much smaller ones.

Fig. 9.3 Side view of thorax of Glossina pallidipes
(typical of the morsitans and palpal is
group) and G. brevipalpis (typical of the
fusca group) to show the nature of the
hairy fringe to the squamae, and the
presence (in fusca group) or absence (in
morsitans and palpalis groups) of a group
of large hairs below the point of wing
insertion on the thorax.
9.3.5
Pattern on the thorax Helps to distinguish
G. longipennis from other species.
The pattern on the thorax is quite variable and
is not usually much help in identifying species. However,
the thorax of G. longipennis is pale (often with a faint
pink tinge) except for four darker spots arranged in the
form of a rectangle and two more central spots (Figure
9.4).
9.3.6
Hairy fringe to squamae (Figure 9.3) Helps
to distinguish fusca group flies from the other two
groups.
The squamae are thin white lobes at the base of
the wing, partly covering the halteres in some cases. In
morsitans group and palpalis group flies, the hairs on the
margins of the squamae are not very long, and not curly.
In fusca group flies, the hairs are longer and tend to
curl, appearing fluffy and untidy.
9.3.7
Length of strong median bristles on scutellum
Helps to distinguish females of G. morsitans and G.
swynnertoni from G. longipalpis and G. pallidipes.
The scutellum carries a pair of bristles (strong
hairs) near the centre, and these project back over the
abdomen. In female G. morsitans and G. swynnertoni they
are very short (Figures 9.11, 9.12), but in female G.
longipalpis and G. pallidipes they are about as long as
in the male (Figure 9.10). The field worker should look
carefully to be sure that the bristles have not been
broken off.
9.3.8
Dark spot on wing (Figure 9.5) Helps to
distinguish G. brevipalpis and female G. schwetzi from
other species.
There is a dark spot on the anterior cross vein
in both sexes of G. brevipalpis and in the female G.
schwetzi; other species do not have quite such a dark
spot, but the feature may not always be very clear.

Fig. 9.4

Dorsal view of thorax of Glossina
longipennis to show (arrow) the pattern
of dark spots.

Fig. 9.5 Part of the wing venation of Glossina
brevipalpis, to show the dark spot at
the anterior end of the anterior cross
vein.

9.3.9
Colour of the tarsal segments of the hind leg
Helps to distinguish most morsitans group flies from
palpalis group flies.
In most morsitans group flies (G. morsitans, G.
swynnertoni, G. pallidipes, G. longipalpis) the last two
tarsal segments of the hind leg are dark, nearly black,
while the other tarsal segments on the hind leg are pale
(Figures 9.10, 9.11, 9.12).
In G. austeni (Figure 9.13)the colouration on
the tarsal segments of the hind leg is variable, and the
dark colour usually covers most of the tarsal segments. In
palpalis group, most of the tarsal segments of the hind leg
are dark (Figures 9.14, 9.15).
9.3.10
Colour of the tarsal segments of the front leg
Helps to distinguish G. pallidipes front G. morsitans
and G. swynnertoni.
On the front leg the tarsal segment before the
last is black in G. morsitans and G. swynnertoni (Figures
9.11, 9.12). It is pale, like the rest of the leg, in G.
pallidipes (Figure 9.10).
9.3.11
Colour bands on abdomen Helps to distinguish
G. morsitans from G. pallidipes, and to identify G.austeni
and G. tachinoides.
The pale bands on the dorsal side of the abdomen
in G. morsitans (Figure 9.11) are wider and more obvious
than on the abdomen of G. pallidipes (Figure 9.10), so
that G. morsitans has a generally more banded appearance.
Glossina tachinoides (Figure 9.15) also has a
well-banded abdomen, rather like that of G. morsitans, but
some specimens can be quite dark. The banding of the
abdomen in G. austeni is not obvious (Figure 9.13).
9.3.12
General colour of abdomen Helps to identify
G. austeni, G.longipennis and palpalis group species.

The general colour of the abdomen is often
very dark in palpalis group flies (not so much in G.
tachinoides).
The general colour is sandy or even slightly
reddish in G. austeni.
The general colour is pale brown in G. longipennis, and mid or dark brown in other fusca species.
9.3.13
Shape of inner comer of dark bands on abdomen
Helps to distinguish G. morsitans from G. swynnertoni.
On segment 3 of the abdomen the inner corner of
the dark band is nearly a right angle (square) in G.
swynnertoni (Figure 9.12), but it is much more rounded in
G. morsitans (Figure 9.11).
9.3.14
Type of superior claspers in male Helps to
distinguish the three species groups.
In fresh male specimens the superior claspers
can be pulled into view with a piece of grass stem or a
pin and examined using a hand lens. The form of the
superior claspers is different in the three species groups
(Figure 9.6). In dried specimens this method does not
work because the parts break off too easily and laboratory
techniques have to be used to examine the superior claspers of dried specimens(see 10.1).
In morsitans group species the ends of the
superior claspers axe wide plates; the gap between the
superior claspers is filled by the median lobes.
In palpal is group species the ends of the
superior claspers are narrow claws; the gap between the
superior claspers is filled with membrane.
In fusca group species the ends of the superior
claspers are claws; nothing fills the gap between the
superior claspers.

Fig. 9.6 The types of superior claspers in Glossina,
as shown in morsitans group, palpalis group
and fusca group. The arrows indicate:
(i) the broad superior claspers and the
median lobe in morsitans group
(ii) the membrane connecting the superior
claspers in palpalis group
(iii) the absence of any membrane in fusca
group.

Fig. 9.7 Side view of male abdomen of fusca group
species and palpalis group species. The
arrows indicate:
(i) the large backward hump on the 7th
segment in fusca group (ii) the absence
of this hump in palpalis group (it is
also absent from morsitans group).

Fig. 9.8

The different shape of the inferior
claspers of Glossina fuscipes and G.
tachinoides. The arrows indicate:
(i) the small head to the inferior
claspers in G. fuscipes, and the
long narrow neck
(ii) the large lobed head to the inferior
claspers of G. tachinoides, and the
wide neck.

Fig. 9.9 The different shape of the superior
claspers in four morsitans group species. The
arrows indicate the median lobes.

Map 9.1 Map of Africa showing the areas covered by
the Regional keys (see text).

9.3.15
Hump at posterior end of the male abdomen
Helps to distinguish fusca group males from males of the
other two groups.
The segment bearing the hypopygium usually has a
clearly visible hump projecting backwards in male fusca
group flies (Figure 9.7). This hump is absent from
morsitans group and palpalis group flies. It is not so
well developed in G. brevipalpis.
9.3.16
Shape of inferior claspers of male Helps to
distinguish G. tachinoides from G. palpalis.
Each inferior clasper of G. tachinoides has a
short wide 'neck' and a large lobed 'head'; each inferior
clasper of G. palpalis has a long thin 'neck' and a small
'head' (Figure 9.8). The inferior claspers can only be
examined microscopically.
9.3.17

Position of median lobes between superior
claspers (Figure 9.9) Helps to distinguish
G. morsitans from G. pallidipes, G. longipalpis and G
swynnertoni.
The median lobes of G. morsitans (and G. austeni)
project out beyond the general line of the superior
claspers; those of G. pallidipes and G. longipalpis do
not. The median lobes of G. swynnertoni are about in line
with the edge of the superior claspers.
9.4

REGIONAL KEYS

The geographical areas covered by these keys
is shown in Map 9.1.
9.4.1

Region 1

(a) Geographical area: within 400 km of the east
coasi of Africa.
(b) Glossina species covered: G. morsitans, G.
swynneitoni, G. pallidipes, G. austeni, G.
longipennis,G. brevipalpis.
(c) Outline of key to Region 1:

1.
2.
3.
4.
5.

morsitans group
fusca group
austeni
morsitans, swynnertoni, pallidipes
pallidipes
morsitans, swynnertoni
swynnertoni
morsitans
longipennis
brevipalpis

2
5
3
4

(d) Key to Region 1:
1. Squamal fringe simple, not long and curly
(Figure 9.3).
No large setae immediately below point of
wing insertion (Figure 9.3).
Underside of thecal bulb dark brown (Figure 9.2).
In the male, no large, backwardly directed hump
on the abdomen (7th segment) (Figure 9.7).
In the male, the superior claspers not ending
in a free claw (Figure 9.6).
morsitans group ..

..

2

Squamal fringe long and curly (Figure 9.3).
Several large setae immediately below point of
wing insertion (Figure 9.8).
Underside of thecal bulb pale brown, perhaps
with a darker apex (Figure 9.2).
In the male a large, backwardly directed hump
present on the abdomen (7th segment) (Figure 9.7),
less well developed in G. brevipalpis than in G.
longipennis. In the male, the superior claspers
ending in long claws (Figure 9.6).
fusca group

..

..

5

2. Snail flies (7.5-8.5 ran).
Dorsal surface reddish brown, not strongly
banded on abdomen.
Dark colour on hind tarsi not limited to the
last two tarsal segments (see Figure 9.13).
Superior claspers as in Figure 9.9.

••

G. austeni

••

Larger flies (8-11 mm).
Dorsal surface brown (not reddish brown), with
or without well-marked banding on abdomen.
Dark colour on hind tarsi limited to last two
segments.
••

••

3

3. On front leg, all tarsal segments pale (Figure
9.10).
Antennal fringe visible with xlO hand lens
(Figure 9.1).
Third antennal segment more than 4 times as
long as wide, and with a well-developed curved
projection at the end (Figure 9.1).
••

G. pallidipes

••

On the front leg, the second from last tarsal
segment black, but the rest pale (Figure 9.11,
9.12).
Antennal fringe not visible with xlO hand lens
(Figure 9.1).
Length of third antennal segment less than 4
times the width; curved projection less welldeveloped (Figure 9.1).
••

••

4

4. On segment 3 of the abdomen, the inner
border of the dark coloured band is
nearly a right angle, making the
middle pale line very distinct (Figure
9.12).
••

G. swynnertoni

On segment 3 of the abdomen, the
inner border of the dark coloured
band is curved and does not make the
middle pale line so distinct (Figure
9.11).
••

••

G.

it
5. Pale pink- or yellow-brown species.
Dorsal side of thorax marked with four
dark spots arranged in a rectangle
(Figure 9.4).
Apex of thecal bulb darker than the
base, when seen from beneath (Figure
9.2).
Wing without a dark spot at the
anterior cross vein.
••

G.
l
i
i
General colour darker brown.
Thorax not having four distinct dark
spots arranged in a rectangle.
Thecal bulb uniformly pale brown, when
seen
from beneath (Figure 9.2, as for G.
tabaniformis).
Wing having a dark spot at the
anterior cross vein (Figure 9.5).
••
9.4.2

••

••

G. brevipalpis

Region 2

(a) Geographical area: Sudan, Ethiopia,
Somalia.
(b) Glossina species covered: G. morsitans, G.
pallidipes,
G. austeni, G. fuscipes, G. tachinoides, G.
longipennis, G. fuscipleuris, G. brevipalpis.

(c)

Outline of key to Region 2:

1. morsitans group and palpalis
fusca group
2. austeni, fuscipes,
morsitans, pallidipes
3. austeni
fuscipes, tachinoides
4. fuscipes
tachinoides
pallidipes
5.
morsitans
6. longipennis
brevipalpis, fuscipleuris
7. brevipalpis
fuscipleuris
(d) Key to Region 2:

••
••

2
6
3
5

••

4

••

7

1. Squamal fringe simple, not long
and curly (Figure 9.3).
No large bristles immediately below
point of wing insertion (Figure 9.3).
Underside of thecal bulb dark brown
(Figure 9.2).
In the male, no large backwardly
directed hump on the abdomen (7th
segment) (Figure 9.7).
In the male, the superior claspers
joined to each other either by membrane
(palpalis group) or by the median lobes
(morsitans group) (Figure 9.6).
2
Squamal fringe long and curly (Figure
9.3).
Several large bristles immediately
below point of wing insertion (Figure
9.3).
Underside of thecal bulb pale brown,
sometimes with darker apex (Figure 9.2).

In the male, a large backwardly directed hump
usually present on the abdomen (7th segment)
(Figure 9.7), less well devloped in G. brevipalpis.
In the male, the superior claspers ending in long
claws not joined to each other (Figure 9.6).
fusca group

••

6

2. On the hind leg all or nearly all the tarsal
segments dark.
••

3

On the hind leg only the last two tarsal
segments dark; other segments yellowish.
3. Dorsal surface reddish-brown, not strongly
banded on the abdomen (Figure 9.13).
In the male, median lobes joining wide superior
claspers (Figure 9.9).
••

••

G. austeni

Dorsal surface not reddish-brown, with or
without well-marked banding on abdomen.
In the male, superior claspers ending in long
claws and joined to each other by membrane
(Figure 9.4).
••

4

4. Generally very dark species (Figure 9.14).
Pale edge to tergites very narrow.
Inferior claspers of male with long thin 'neck'
and small 'head' (Figure 9.8).
Size 8-11 mm.
••

••

G. fuscipes

Generally paler species with markings rather
like G. morsitans (Figure 9.15).

Pale edge to tergites wider, but some very dark
specimens are known.
Inferior claspers of male with short wide 'neck'
and large lobed 'head' (Figure 9.8).
Size 6.5-9 rim.
••

*•

G. tachinoides

5. On front leg, all tarsal segments pale (Figure
9.10). Antennal fringe visible with xlO hand
lens (Figure 9.1).
Third antennal segment more than 4 times as long
as wide, and with a well-developed curved
projection at the end (Figure 9.1).
In the male, median lobes not projecting
(Figure 9.9).
In the female, median scutellar bristles long
(Figure 9.10).
••

••

G. pallidipes

On front leg, second from last tarsal segment
black, the rest pale coloured (Figure 9.11).
Antennal fringe not visible with xlO hand lens
(Figure 9.1).
Length of third antennal segment less than 4
times the width; curved projection less welldeveloped (Figure 9.1).
In the male, median lobes project between the
superior claspers (Figure 9.9).
In the female, median scutellar bristles short
(Figure 9.11).
••

••

G. morsitans

6. Pale pink or yellow-brown species.
Dorsal side of the thorax marked with four dark
spots arranged in a rectangle (Figure 9.4).

Apex of thecal bulb darker than the
base, when seen from beneath (Figure
9.2).
•*

••

G.
l
i
i
General colour not pale brown.
Thorax not having four distinct
dark spots arranged in a
rectangle.
Thecal bulb uniformly pale brown when
seen from beneath (Figure 9.2 as for
G. tabaniformis).
••

7

7. Wing having a dark spot around the
anterior cross vein (Figure 9.5).
••
••
G. brevipalpis
Wing not having as dark a spot
around the anterior cross vein.
••

••

G.

Expert help needed to make this
identification of G. brevipalpis and
G. fuscipleuris.
9.4.3

Region 3

(a) Geographical area: Uganda, Kenya,
Tanzania.
(b) Glossina species covered: G. morsitans,
G. swynnertoni, G. pallidipes, G. austeni, G.
fuscipes,
G. longipennis, G. brevipalpis, G. fusca,
G. fusci-pleuris, G. nigrofusca
(c)
1
2

Outline of key to Region 3:
morsitans group and palpalis
fusca group
austeni, fuscipes
swynnertoni, morsitans,
pallidipes

••
••
••
••

2
6
3
4

3. austeni
fuscipes

4. pallidipes
swynnertoni, morsitans

5

5. swynnertoni
morsitans

6. longipennis
brevipalpis, fusca, fuscipleuris, nigrof fusca
••
••
7
7. brevipalpis
fusca, fuscipleuris, nigrofusca
(d) Key to Region 3:
1. Sguamal fringe simple, not long and curly,
(Figure 9.3). No large setae immediately below
point of wing insertion (Figure 9.3).
Underside of thecal bulb dark brown (Figure 9.2).
In the male, no large backwardly directed hump
on the abdomen (7th segment) (Figure 9.7).
In the male, superior claspers joined to each
other either by membrane (palpalis group) or
by the median lobes (morsitans group) (Figure
9.6).
••

••

2

Squamal fringe long and curly (Figure 9.3).
Several large setae immediately below point of
wing insertion (Figure 9.3).
Underside of thecal bulb pale brown, sometimes
with darker apex (Figure 9.2).
In the male, there is usually a large backwardly
directed hump on the abdomen (7th segment) (Figure
9.7), less well developed in G.brevipalpis. In the
male, the superior claspers end in long claws, not
joined to each other by membrane or median lobes
(Figure 9.6).
fusca group
••
6

2. On the hind leg all or nearly all the tarsal
segments dark (Figure 9.14).
••

*•

3

On the hind leg only the last two tarsal segments dark; the other segments yellowish
(Figure 9.11)
••
3. Snail files (7.5-8.5 mm).

••

4

Dorsal surface reddish-brown.
In the male, median lobes joining wide superior
claspers (Figure 9.9).
In the female, the median scutellar bristles
short (Figure 9.13),found only within 450 km of
the eastern coast of Africa.
••
••
G. austeni
Larger flies (8-11 mm).
Dorsal surface very dark brown, almost black.
Male superior claspers ending in claws, and
joined to each other with membrane (Figure 9.6)
In the female, the median scutellar bristles are
long (Figure 9.14). Never found within 450 km
of the eastern coast of Africa.
••
••
G. fuscipes
4. On front leg, all tarsal segments pale
(Figure 9.10).
Antennal fringe visible with xlO hand lens
(Figure 9.1). Third antennal segment more than
4 times as long as wide, and with a well
developed curved projection at the end (Figure
9.1).
In the female, median scutellar bristles long
(Figure 9.10).
••

••

G. pallidipes

On the front leg, the second from last tarsal
segment black, the rest pale (Figures 9.11,
9.12).
Antennal fringe not visible with xlO hand lens
(Figure 9.1).
Third antennal segment less than 4 times as
long as wide; curved projection less welldeveloped (Figure 9.1).
In the female, median scutellar bristles short
(Figures 9.11, 9.12).
••

••

5

5. On segment 3 of the abdomen, the inner border of
the dark coloured band nearly forming a right
angle, making the middle pale line very distinct
(Figure 9.12).
Median lobes of male not prominent.
••

••

G. swynnertoni

On segment 3 of the abdomen, the inner border of
the dark coloured band curved and not making the
middle pale line so distinct (Figure 9.11).
Median lobes of male very prominent (Figure 9.9).

••

••

G. morsitans

6. Pale pink- or yellow-brown species.
Dorsal side of thorax marked with four dark
spots arranged in a rectangle (Figure 9.4).
Apex of thecal bulb darker than the base, when
seen from beneath (Figure 9.2).
••

••

G. longipennis

General colour not pale brown.
Thorax not having four distinct dark spots
arranged in a rectangle.

Thecal bulb uniformly pale when seen
from beneath (Figure 9.2, as for G.
tabaniformis)
••

••

7

7. Wing having a dark spot around the
anterior cross vein (Figure 9.5).
••

••

G. brevipalpis

Wing not having such a dark spot
around the anterior cross vein.
G. fusca, G. fuscipleuris, G.
nigrofusca not separated in this key.
Expert help needed to make this
separation of G. brevipalpis from the
rest.
9.4.4

Region 4

(a) Geographical area: Namibia, Zambia,
Malawi,
Mozambique, Zimbabwe, Botswana, South
Africa,
Swaziland.
(b) Glossina species covered: G. morsitans,
G. pallidipes, G. austeni, G. fuscipes, G.
brevipalpis.
(c) Outline of key to Region 4:
1. palpal is group, morsitans
••
brevipalpis
2. austeni, fuscipes
..
pallidipes, morsitans ..
3. austeni
fuscipes

4.

pallidipes
morsitans

••

2
3
4

(d)

Key to Region

4:

1. Squamal fringe simple, not long and curly
(Figure 9.3).
No large setae immediately below point of wing
insertion (Figure 9.3).
Underside of thecal bulb dark brown (Figure 9.2).
In the male, the superior claspers joined to each
other either by membrane (palpalis group) or by
the median lobes (morsitans group) (Figure 9.6).
Wing without a dark spot around the anterior
cross vein.
2
••
••
Squamal fringe long and curly (Figure 9.3).
Several large setae immediately below point of
wing insertion (Figure 9.3).
Underside of thecal bulb pale brown (Figure 9.2 as
for G. tabaniformis)•
In the male, the superior claspers ending in long
claws (Figure 9.6).
Wing having a dark spot around the anterior
cross vein (Figure 9.5).

••

••

G. brevipalpis

2. On the hind leg all or nearly all the tarsal
segments dark (Figure 9.14).
••

••

3

On the hind leg only the last two tarsal segments
dark, the other segments yellowish (Figure 9.11).
••
3. Small flies (7.5-8.5 mm).
Dorsal surface reddish brown.

••

4

In the male, median lobes joining wide superior
claspers (Figure 9.9).
In the female, the median scutellar bristles
short (Figure 9.13). Found only within 450 km of
the eastern coast of Africa.
••

••

G. austeni

Larger flies (8-11 mm).
Dorsal surface very dark brown almost black. In
the male, superior claspers ending in claws. and
joined to each other by membrane (Figure 9.6).
In the female, the median scutellar bristles long
(Figure 9.14). Never found within 450 km of the
eastern coast of Africa.
••

••

G. fuscipes

4. On front leg, all tarsal segments pale (Figure
9.10).
Antennal fringe visible with xlO hand lens
(Figure 9.1).
Third antennal joint segment mare than 4 times as
long as wide, and with a well-developed curved
projection at the end (Figure 9.1).
In the male, median lobes not projecting (Figure
9.9).
In the female, median scutellar bristles long
(Figure 9.10).
••

••

G. pallidipes

On front leg, the second from last tarsal segment
black, the rest pale (Figure 9.11).
Antennal fringe not visible with xlO hand lens
(Figure 9.1).
Third antennal segment less than 4 times as long as
wide; curved projection less well-developed
(Figure 9.1).

In the male, median lobes
projecting between superior
claspers (Figure 9.9).
In the female, median scutellar
bristles short
••
9.4.5

••

G.
morsitans

Region 5

(a)

Geographical area: Zaire, Rwanda,
Burundi, Angola,
Congo, Gabon, Equatorial Guinea,
Cameroon, Central
African Republic, Chad, Nigeria, Niger,
Benin, Togo,
Ghana, Ivory Coast, Upper Volta, Liberia,
Guinea,
Mali, Sierra Leone, Guinea Bissau,
Senegal, Gambia.

(b)

Glossina species covered: G. morsitans,
G. longipalpis, G. pallidipes, G. palpalis, G.
fuscipes,
G.tachinoides, G. pallicera, G.
caliginea, G. fusca,
G.fuscipleuris, G. tabaniformis, G.
nigrofusca,
G.haningtoni, G. schwetzi, G. severini,
G. vanhoofi,
G.nashi, G. medicorum, G. brevipalpis.
Outline of key to Region 5:

(c)

1. palpalis group and morsitans
••
••
fusca group

2
8

2. palpalis group
3
morsitans group
6
3. pallicera, caliginea
4
palpalis, fuscipes, tachinoides
••
*•
5
4. pallicera
caliginea
5. palpalis, fuscipes (not further led
subdivid tachinoides
)
6. pallidipes, longipalpis
••
••
7
morsitans

7.

pallidipes

8. brevipalpis
rest of fusca group (not further subdivided).
(d)

Key to Region 5:
1. Squamal fringe simple, not long and curly
(Figure 9.3).
No large setae immediately below point of wing
insertion (Figure 9.3).
Underside of thecal bulb dark brown (Figure 9.2).
In the male, no large backwardly directed hump on
the abdomen (7th segment) (Figure 9.7).
In the male, the superior claspers joined to
each other either by membrane (palpalis group) or
by the median lobes (morsitans group) (Figure
9.6).

••

••

2

Squamal fringe long and curly (Figure 9.3).
Several large setae immediately below point of
wing insertion (Figure 9.3).
Underside of thecal bulb uniformly pale brown
(Figure 9.2).
In the male, a large backwardly directed hump
usually present on the abdomen (7th segment)
(Figure 9.7), less well developed in G.brevipalpis. In the male, the superior claspers ending
in long claws, not joined to each other (Figure
9.6).
fusca group
••
••
8
2. On the hind leg all or nearly all the tarsal
segments dark (Figure 9.14).
In the male, the superior claspers end in claws,
joined to each other by membrane (Figure 9.6).
palpal is group ••

••

3

On the hind leg only the last two tarsal segments dark (Figure 9.11).
In the male, each superior clasper ends in
a broad plate, joining with its partner by
the median lobes (Figure 9.6).
morsitans group

••

••

6

3. Abdomen very dark brown on dorsal surface,
without banding.
••

••

4

Abdomen having paler rear edges to each tergite,
so that it appears banded.
••

••

5

4. Antenna having whitish fringe of hairs on
third segment easily visible with hand lens.
G. pallicera
Antenna without this whitish fringe of hairs.
••

••

G. caliginea

5. Pale edge to each tergite very narrow (Figure
9.14).
In the male, the inferior claspers have a long
and narrow 'neck' and a small 'head' (Figure
9.8).
••

•*

G. palpalis, G. fuscipes
not separated in this key.

(Reference to Map 5.4 will help to show which
species is being dealt with).
Pale edge to tergite usually broader (Figure
9.15), but some specimens may be very dark.

In the male, the inferior claspers have a start
wide 'neck' with a large lobed 'head' (Figure
9.8).

••

••

G.

hi id9.1).
6. Antennal fringe visible with xlO lens (Figure
In the male, median lobes not projecting between
superior claspers (Figure 9.9).
In the female, median scutellar bristles long
(Figure 9.10).

••

••

7

Antennal fringe not visible with xlO hand lens
(Figure 9.1).
In the male, median lobes projecting between
superior claspers (Figure 9.9).
In the females, median scutellar bristles short
(Figure 9.11).
••

•*

G.

7. On front leg, last but one tarsal segment
dark (as in Figure 9.11).
••

••

G. longipalpis

On front leg, last but one tarsal segment
pale (as in Figure 9.10)
••

••

G. pallidipes

8. Both male and female having dark spot on
anterior cross vein (Figure 9.5).
..
G. brevipalpis
Male and female not having such a dark spot
on anterior cross vein (Exception: female
G. schwetzi also has a dark spot here).
Best of fusca group (not further
subdivided). Expert help needed here to
make this separation of G. brevipalpis from
the rest.

Fig. 9.10 Dorsal view of Glossina pallidipes female.
The arrows indicate:
(i) the pale fourth tarsal segment of
the front leg
(ii) the long median scutellar bristles
(iii) the dark last two tarsal segments
of the hind leg.

Fig. 9.11 Dorsal view of Glossina morsitans female.
The arrows indicate:
(i) the dark ring on the fourth tarsal
segment of the front leg (ii) the
short median scutellar bristles(they
are long in the male) (iii) the dark
last two tarsal segments of the hind
Leg.

Fig. 9.12

Dorsal view of Glossina swynnertoni
female. The arrow indicates the
squared-off darker markings of the
abdomen.

Fig. 9.13

Dorsal view of Glossina austeni
female. The arrows indicate:
(i)

the absence of strong
markings on the abdomen
(ii) the dark colour of most of the
tarsal segments of the hind leg.

Fig. 9.14 Dorsal view of Glossina fuscipes female.
The arrows indicate:
(i) the very narrow pale area across
each abdominal segment (ii) the dark
colour of most of the tarsal segments of
the hind leg.

Fig. 9.15

Dorsal view of Glossina tachinoides
female. The arrows indicate the dark
colour of most of the tarsal segments
of the hind leg.

9.5
9.5.1

DESCRIPTION OP THE MORE IMPORTANT SPECIES
Glossina longipalpis (Size 9.5 - 11 mm).
(i)

Last two tarsal segments of the hind leg
dark coloured.

(ii)

On the front leg, the tarsal segment
next to the last dark coloured.

(iii) Fringe of long hairs on the antennal 3rd
segment, visible with xlO hand lens.

9.5.2

(iv)

Superior claspers of male pointed;
median lobes do not project.

(v)

In female, median scutellar bristles
long.

Glossina pallidipes (Size 8.5 - 11 mm)
(Figure 9.10)
(i)

Last two tarsal segments of the hind leg
dark coloured.

(ii)

All tarsal segments of the front leg
pale.

(iii) Fringe of long hairs on the antennal 3rd
segment, visible with xlO hand lens.
(iv)

Third antennal segment less than 4 times
as long as wide.

Forward projection at end of third
antennal segment long and pointed.
(vi) In the female, median scutellar bristles
i. long.
(v)

(vii) Superior claspers of male pointed;
median lobes do not project.
9.5.3

Glossina morsitans (Size 7.75 - 10 mm)
(Figure 9.11)

(ii)

Last two tarsal segments of the hind leg
dark coloured.

(ii)

On the font leg, the tarsal segment next
to the last dark coloured.

(iii) No long fringe of hairs on the antennal
3rd segment visible with xlO hand lens.
(iv)

Third antennal segment more than 4 times
as long as wide.

(v)

Forward projection at end of third
antennal segment not as long or pointed
as in G. pallidipes,

(vi)

In the female, median scutellar bristles
short.

(vii) Superior claspers of the male with a
wavy edge, not sharply pointed; median
lobes project between the superior
claspers.
9.5.4

Glossina swynnertoni (Size 8 - 9.5 mm)
(Figure 9.12)
(i-vi) As for G. morsitans.
(vii) Median lobes about level with edge of
superior claspers, not projecting beyond
than.
(viii) Coloured bands on abdomen with sguared-off
comers, causing the median pale line to be
well-defined.

9.5.5

Glossina austeni (Size 7.5 - 8.5 mm)
(Figure 9.13)
(i) Most, or all, of the tarsal segments of
the hind leg dark.
(ii) General colour on the dorsal side slightly
reddish-brown.

(iii) Banding on the abdomen absent or very
faint.
(iv) Superior claspers sharply angled at the
corners; median lobes triangular and
projecting.
9.5.6

Glossina palpalis (Size 8 - 11 mm)
(i)

Most, or all, of the tarsal segments of
the hind leg dark.

(ii)

General colour of the abdomen very dark
on the dorsal side.

(iii) Superior claspers of the male sharply
clawed; claspers joined by membrane.
(iv)
9.5.7

Inferior claspers of the male having a
long thin 'neck' and a small 'head'.

Glossina fuscipes (Size 8-11 mm)
(Figure 9.14)
(i-iv) As for G. palpalis

9.5.8

Glossina tachinoides (Size 6.5 - 9 mm)
(Figure 9.15)
(i) Most, or all, of the tarsal segment of the
hind leg dark.
(ii) Abdomen with dark bands separated by
yellowish areas, but some very dark
specimens resembling G. palpalis may be
found.
(iii) Superior claspers of the male sharply
clawed; claspers joined by membrane.
(iv) Inferior claspers of the male having a
short wide 'neck' and a wide, lobed 'head'.

9.5.9

Glossina longipennis (Size 11.5 - 13.5mm)
(i)

General colour pale brown, sometimes
with a pink colour to the thorax.

(ii)

Thorax with four dark spots arranged
in a rectangle.

(iii) Underside of thecal bulb pale, with
a darker apex.
9.5.10

Glossina brevipalpis (Size 10.25 - 13.5 mm)
(i) Wing having a dark spot on the anterior
cross vein (but expert help is needed to
identify G. brevipalpis where this occurs
in areas having other fusca group species
besides G. longipennis).

9.6

IDENTIFICATION OF PUPAE

All tsetse pupae have polypneustic lobes at
the posterior end, and have the appearance of the pupae
shown in Figure 9.16.
Identifying the species to which tsetse pupae
belong can be very difficult, and is generally left to a
specialist.
The two features used for identification are:
(i)

the size of the pupae

(ii)

the shape of the polypneustic lobes
(posterior lobes).

The size of pupae may vary according to season,
and the shape of the polypneustic lobes may appear different according to the angle they are looked at. The
ones illustrated in Figure 9.16 are shown as from the
ventral view.
Usually, the species of tsetse infesting an
area at which a pupa is found are already known, and

the task is then simply to decide to which of these few
species the tsetse pupa belongs.
The following are cases in which separating
species is particularly difficult:
(i)

the pupa of Glossina tachinoides is like
that of a small G. palpalis

(ii)

the pupa of G. fuscipes resembles that
of G. palpalis

(iii) the pupa of G. longipalpis resembles
that of G. morsitans
(iv)

the pupae of G. schwetzi and G.
haningtoni (and probably several other
fusca group species) are like that of
G. fusca.

Fig. 9.16
Outline of pupae of Glossina;
A,G. brevipalpis;
B, G. longipennis; C, G.
tabaniformis;
D, G. morsitans; E, G.
palpalis ;
F, G. pallidipes;
G. G. austeni.

CHAPTER 10

MISCELLANEOUS TECHNIQUES

10.1

MICROSCOPY

The close study of tsetse anatomy and
trypano-somes cannot be done with the unaided
eye. The following three instruments are
routinely used:
(a) the hand lens
(b) the binocular or dissecting
microscope
(c) the compound microscope
(usually called
the microscope).
10.1.1 The hand lens (Figure 10.1) This can
give
magnifications from x5 to xlO or xl5. some
high quality
lenses can give x20.
The hand lens is used in the field to
identify tsetse species by examination of
external features (colour, shape of antennae,
presence or absence of bristles, etc.). The
use of the hand lens is described briefly
under 9.2.
10.1.2 The binocular or dissecting
microscope
(Figure 10.2) This can give
magnifications of from xlO to xlOO or
slightly more.
The binocular microscope is useful
both in the field and in the laboratory. It
is used, for instance, for species
identification, wing fray analysis, dissection
of the ovaries and uterus, mouthparts and
salivary glands, and for any types of
research concerning the internal and external
anatomy of tsetse.
The binocular microscope consists
of a stand and a moveable optical part.

Fig. 10.1

A hand lens

Fig. 10.2

A binocular dissecting microscope; A,
objective; B, stage; C, paired
eyepieces; D, milled wheel for adjustment of focus; E, foot and stand; F,
clip.

The stand consists of a base or foot (sometimes
with a system of illumination within it), a stage, and an
adjustable limb connected with the optical part.
The optical part can be raised or lowered by
means of a focussing wheel.
The paired objective lenses are at the lower end
of the optical part.
The paired eyepieces are at the upper end of the
optical part. They can be lifted out and replaced by
others of higher or lower power, as required. The
distance between the eyepieces can be altered to suit the
eyes of the user.
The amount to which an object placed on the
stage is magnified depends on which objective lenses and
eyepieces are selected for use. Some binocular microscopes have a zoom objective lens, allowing the objective
to be adjusted to give any degree of magnification between
an upper and a lower limit.
The total magnification can be calculated by
multiplying the magnification of the eyepiece and that of
the objective. For example, an eyepiece of x7, used
with an objective lens of xlO, will give a total magnification of x70.
The object to be studied is placed on the stage.
In the field during daytime, it can be illuminated by
ordinary daylight, but at night, and in the laboratory, an
electric or other lamp is normally used. Sometimes the
binocular microscope has an electric lamp supplied with
it. Stronger light is needed to study an object under
high magnification.
To focus on an object, the user looks through
the eyepieces and moves the focussing wheel until the fine
details of the object can be seen clearly.
To examine a pinned fly, it is convenient to
push the point of the pin into a piece of cork, and hold
this, rather than to hold the pin directly.

10.1.2.1. Dissection To examine the internal
organs, the fly may be pinned to a piece of
plasticine in a watch glass (or to a waxed
dissecting dish), and covered with a 0.9%
saline. The watch glass is then placed on the
stage of the binocular microscope.
Opening up the abdomen is done under
low power magnification. Examination and
dissection of the parts of particular interest
are carried out under higher power
magnification.
The parts needed for closer
examination are dissected out using fine
forceps and find dissecting scissors, and
placed in a drop of saline solution on a glass
slide. The drop is then covered with a cover
glass, to prevent evaporation.
If a permanent preparation of
chitinous parts (e.g. genitalia) is to be
made, the procedure is as described under
10.1.4.
For routine dissections there are
normally quick methods of isolating the organs
required (see 8.5.2.1, for example).
10.1.2.2 Dissecting instruments for use with
the
binocular microscope The following
instruments (Figure 10.3) are used for making
dissections under the binocular (dissecting)
microscope:
(a) a pair of fine, sharp pointed
scissors
(b) two mounted needles
(c) one fine mounted blade (Borradaile
needle)
(d) one bent seeker
(e) one fine-bladed scalpel
(f) two pairs of watchmakers'
forceps (fine
pointed forceps)
(g) watch glasses (the solid type is
preferred)
(h) entomological pins
10.1.3
The compound microscope (Figure
10.4) This can give magnifications of x50
to x1500.

Fig. 10.3

Dissecting instruments; A, mounted
needle; B, bent seeker; C, mounted
blade; D, fine pointed scissors; E,
scalpel; F, forceps.

Fig. 10.4

A compound microscope; A,
milled wheel for coarse
adjustment of focus; B, milled
wheel for fine adjustment of
focus; C, limb; D, clip; E,
foot; F, eyepiece; G,
objective; H, stage; I,
condenser; J, mirror.

It can he used only to study very thin
objects, which are usually mounted on a glass
slide and covered with a glass cover slip
(see 10.1.4). It is used mainly to study very
small parts of the anatomy (for instance, the
inferior claspers and other details of the
genitalia), trypanosomes, blood and tissue
films, and parts of organs that have been
specially prepared by sectioning and staining
(sectioning and staining are not dealt with in
this Manual).
The basic parts are as in the
dissecting microscope: the stand, consisting
of a base or foot, a stage and a limb
connecting with the optical part; and the
optical part which has an eyepiece and an
objective.
In addition, a compound microscope
has:
(a) a sub-stage condenser, which
focusses
light reflected off a mirror, on to
the
object being examined.
(b) an objective lens of higher power
(up to
xlOO).
(c) a fine adjustment for fine
focussing, in
addition to the usual coarse
adjustment.
Strong illumination is needed for
the microscope, particularly at higher
magnifications. Strong daylight or electric
light are used.
After adjusting the illumination of
the microscope stage, so that a good even
light passes through the eyepiece, the glass
slide to be examined is placed on the stage
and held there with spring clips.
Focussing is carried out as follows:
(i) the coarse adjustment is turned
to raise the objective lens well
above the stage.
(ii) the lowest power objective lens is
swung into position. Looking at
the objective lens and the slide
from the side, the objective lens
is brought close to the slide
(using the coarse adjustment),
without causing the two to touch.

(iii) looking down the eyepiece, the fine
adjustment is turned slowly and carefully,
bringing the objective lens upwards, until
the object is in focus.
Using this method, the danger of hitting the
glass slide with the objective lens, and so causing
damage to both, is avoided.
For beginners, or for experienced personnel
using a microscope that is new to them, this procedure
should be followed each time the objective lens is changed.
But with experience with a particular microscope,
it may be found that the objective can be switched around
from low to medium power lenses, without each time checking
the gap between the lens and the glass slide.
To use the high power oil immersion objective, a
drop of immersion oil is placed on the part of the slide to
be examined. Using the medium power objective, the part of
the slide to be examined is put at exactly the centre of
the field (the view as seen through the eyepiece).
The high power objective is turned carefully
into position, so that the tip of the objective is within
the drop of oil. Looking down the eyepiece, the objective
is lowered slowly and carefully using the fine adjustment,
until the object is in focus.
10.1.4 Preparation of material for microscopy In
this section some techniques are described that should
be of use to anyone who has, for example, to prepare
Glossina male genitalia for microscopical examination,
for species identification.
Details of how to make serial sections and
stained permanent preparations are not included in this
Manual.
10.1.4.1 Removing the hypopygium from the fly The
male abdomen is cut across at segments 3 or 4, using a

pair of scissors. Care should be taken that the part cut
off, bearing the hypopygium, does not flick away and
become lost as the scissors cut.
10.1.4.2 Maceration and dissection To clear away un
wanted tissue from (to macerate) the specimen, it is
placed in 10% caustic potash in a watch glass. The watch
glass and contents are wanned, using an electric lamp
brought up close to it: a desk lamp is suitable.
Maceration then takes only 10-20 minutes. Alternatively
the specimen for maceration can be placed in caustic
potash in a test tube, which is put in a water bath
heated by a gas burner or spirit lamp.
After maceration the specimen is transferred to
water in a watch glass for examination.
The hypopygium (Figure 10.5 A, B) is opened and
the superior claspers are pulled upwards. This reveals
the penis. Just anterior to the penis are the two leaflike inferior claspers. The parts required (often these
are the superior and inferior claspers) are pulled off
using fine forceps (Figure 10.5 B, C).
Alternatively, the following mixture can be
used for maceration: distilled water 300 ml, chloral
hydrate 400 g, glacial acetic acid 300 g. This has a
gentler action than caustic potash. It can be used in
the cold for 12 to 24 hours, or in the warm for 5 to 10
minutes.
10.1.4.3 Neutralisation The specimens are placed into
glacial (100%) acetic acid for 5 minutes, to neutralise
the caustic potash and to remove all the water.
10.1.4.4 Clearing The specimens are then placed in
cedarwood oil or xylol, and examined through a binocular
(dissecting) microscope. If any cloudiness appears,
they should be returned to the glacial acetic acid for
sane minutes.

Fig. 10.5 Steps in the preparation of
Glossina male genitalia for
microscopic examination; A, the
hypopygium in the closed or
resting position; B, the
'hypopygium opened to show the
superior claspers (s.c.) and
inferior claspers (i.c.); C, the
superior claspers and inferior
claspers dissected away from the
remainder of the genitalia; D,
Canada balsam being added to the
genitalia on a glass slide; E, a
cover slip placed over the
preparation; F, the complete
preparation with label.

10.1.4.5Mounting and labelling The
specimens are
placed on a clean glass slide (Figure 10.5
D).
A drop of canada balsam is placed
on the specimens and allowed to spread
(Figure 10.5 D).
A cover slip is placed carefully on this
drop (Figure 10.5 E). Alternatively the canada
balsam can be placed on the slide first, then
the specimens arranged within this drop before
covering with a cover slip.
The preparation (i.e. the glass slide
and its specimens) is carefully labelled, using
a gummed paper label. The label should show
details of the fly, its origin, and the parts
that are on the slide (Figure 10.5 F).
The preparation is put aside and allowed
to lie flat in a safe place for several weeks,
for the canada balsam to harden at the edge of
the cover slip.
10.1.4.6An alternative method of mounting
Alternati
vely, the specimens can be mounted between two
cover slips
(instead of a slide and a cover slip). These
are then
glued over a hole cut into a small piece of card
about
the size of a glass slide, or smaller.
The card can be placed on the same pin
as that holding the fly from which the specimen
came. This keeps the fly and its genitalia
together on the same pin.
10.2

METEOROLOGY

Meteorology is the study of weather.
We have to understand how the following can
affect the weather:
(a) temperature
(b) pressure of the atmosphere
(c) wind
(d) humidity, precipitation and
evaporation
(e) time of year

10.2.1
Temperature The sun heats the surface of the
earth during the day. This makes the air near to the
earth wanner than the air higher up.
The differences in air temperature from place to
to place are mainly due to the differences in ground
temperature.
At night the ground loses heat by radiation. This
causes the layer of air close to the ground to become
cooler than the layers of air immediately above it. But
this condition, called temperature inversion, normally
lasts only from evening time to soon after sunrise the
next day. It occurs only when the air is fairly still, and
is more likely to occur when the sky is clear.
10.2.2
Pressure of the atmosphere At sea level
atmospheric pressure is approximately 1 kg/sq cm.
Atmospheric pressure is measured in millibars (mb).
1 millibar = 1 g/sq cm
At sea level the average atmospheric pressure is
therefore approximately 1000 mb (760 mm mercury).
for each rise of 100 m above sea level, the
average atmospheric pressure falls by 11 mb.
Cold air is denser than hot air. Therefore, in
warm or hot air the atmospheric pressure is low, but in
cold air it is high.
Hot air tends to rise, cool air tends to fall
towards the ground.
10.2.3
Wind In general, winds travel from areas of
high pressure to areas of low pressure. This usually
means that winds come from cold areas to hot areas.
The line towards which tropical winds converge is
called the inter-tropical convergence zone (I.T.C.Z.). It
follows the apparent movement of the sun between the
tropics and is mainly north of the equator in June, mainly
south in December. Its position is very important

in influencing the seasonal weather in the tropics.
More locally, winds can result from the different heating of different areas. This may be due to
clouds, shielding parts of the land from the sun, or to
the sea or lakes, which do not heat or cool as quickly
as the land.
A thermal is an up-current of warm air: it may be
caused by a local heating of an area of higher ground.
A down-current may often be found on the sheltered
(lee) side of a mountain or hill. Down-currents also occur
down slopes at night when the general wind is light.
Both strong up-currents and strong down-currents
can occur in thunder clouds.
10.2.4
Humidity and precipitation Air is never quite
dry; it always contains some water vapour. The humidity
of the air refers to the amount of water vapour in it.
At a particular temperature, there is a limit
to the amount of water vapour that air can carry. When
the air carries as much water vapour as it can it is
said to be saturated with water vapour. Before this
level is reached, air is said to be unsaturated.
Relative humidity (RH) of a volume of unsaturated air is:
weight of water vapour in that volume of air
weight of water vapour in the same volume of
saturated air at the same temperature.
The relative humidity of saturated air is
written as 100 % RH.
10.2.5
Time of year The rainfall associated with the
ITCZ (see 10.2.3) lies in the southern tropics in January,
and the northern tropics in July (see Figure 10.6).
Generally, the months around January are rainy in the
south, but rains occur around July to the north of the

Fig. 10.6

Wind direction (arrows) and
main areas of rainfall (shown
as a belt of cloud) in January
and July in parts of the
African continent.

equator. Some areas on, or close to, the equator may
have two rainy periods in the year, as this rain belt
crosses them twice in the year.
Winds in West Africa north of the equator, show
a regular seasonal pattern. In the dry season months
they are from the north-east (Harmattan), carrying dust
particles and the smoke of bush fires; in the wet season
they are from the south-west bringing storms, rain and
clear air.
10.2.6

Meteorological instruments

10.2.6.1 Mercury-in-glass thermometer (Figure 10.7)
A mercury-in-glass thermometer has a bulb or reservoir
(A) in which most of the mercury is stored, and a long
glass tube or stem (B) leading away from the reservoir.
The tube has a narrow bore, and thick walls. When the
reservoir is cooled, the mercury contracts and retreats
down the tube. These movements can be read off, using a
scale (C) marked on the tube or mounted next to it.
10.2.6.2 Maximum and minimum thermometer (Figure 10.8)
This is a special kind of mercury-in-glass thermometer.
It is used for recording maximum and minimum temperatures.
In addition to mercury (A) inside the glass, there is
some alcohol (B), which also expands when heated. There
are also two sliding markers within the U-shaped tube.
When the temperature is high, one of the markers (D) is
pushed by the mercury up the right hand tube. When the
temperature is low, the other marker (C) is pushed by
the mercury up the left hand tube, but the first marker
(D) remains in position recording the highest temperature
reached. In the same way when the temperature rises
again, marker (C) remains in position recording the lowest
temperature reached. The lower ends of the markers (C)
and (D) register the minimum and maximum temperatures
respectively.

Fig. 10.7

Mercury in glass thermometer; A, reservoir
or bulb; B, glass tube; C, scale marked on
stem.

Fig. 10.8

Maximum and minimum thermometer; A,
mercury; B, alcohol; C, marker registering
minimum temperature; D, marker registering
maximum temperature.

Fig. 10.9

Soil thermometer; A, bulb placed beneath
soil surface; B, stem marked with temperature scale and lying on the soil
surface; C, soil.

Fig. 10.10 Diagram to show the action of an aneroid
barometer; A, partly evacuated airtight
container; B, pointer; C, scale.

Fig. 10.11 Pith ball anemometer; A, wind inlet;
B, pith ball; C, vertical tube widened
at the top; D, scale.
Fig. 10.12 Wet-and dry-bulb thermometer (hygrometer);
A, dry-bulb thermometer; B, wet-bulb
thermometer; C, damp cloth sleeve;
D, water reservoir.
Fig. 10.13 Rain gauge; A, collecting cylinder;
B, funnel; C, measuring cylinder (this
is often kept in a separate place).

The thermometer can be left unattended for a
period, for example a day, a week or a month, and examined
at the end of this period. The highest temperature and
lowest temperature reached in that time are registered by
the position of the lower ends of the two markers, and can
be noted. The thermometer is reset by using a small magnet
(supplied with the thermometer) to pull the markers back
into position, touching the ends of the mercury column.
10.2.6.3 Soil thermometer (Figure 10.9) This is used
for recording the temperature at a given depth in the
soil. The tube of the thermometer is bent through a
right angle, so that the bulb (A) can be placed at a
certain depth in the soil. The scale (B) is marked on
the part of the stem that lies on the soil surface (C).
Different soil thermometers are required to
record the temperature at different depths of soil.
10.2.6.4 Barometer (Figure 10.10) This is an instrument
that measures the atmospheric pressure. Basically it
consists of an airtight box (A), attached to a pointer
(B). The box has some of the air in it extracted, but
is prevented from collapsing fully by a strong spring
that supports the walls. As the atmospheric pressure
rises, the box collapses slightly and moves the pointer
in one direction on the scale (C); when the pressure
drops, the box expands by the action of the spring and
the pointer moves in the opposite direction. No maintenance is required.
10.2.6.5 Anemometer (Figure 10.11) This is an instrument
to measure wind speed. A simple type is the pith ball
anemometer. The instrument is held so that the wind blows
against the entrance (A), forcing the pith ball (B) some
way in the vertical tube (C). The height to which the
ball is sent depends on the strength of the wind. The
scale (D) written against the vertical tube shows the
wind speed.

The tube may have to be tapped gently,
if the pith ball sticks in it. Pocket-sized
instruments are available.
10.2.6.6 Wet and dry bulb thermometer (for
measuring
humidity) (Figure 10.12) This also is a
special kind
of thermometer, adapted for use in measuring the
relative
humidity. It consists of two mercury-in-glass
thermome
ters set side-by-side. The dry bulb thermometer
(A) is
an ordinary thermometer. The wet bulb
thermometer (B)
has its reservoir surrounded by a sleeve of wet
cloth (C).
The temperature recorded by the wet bulb
thermometer will
be lower than the actual temperature due to the
cooling
effect of evaporating water. This cooling
effect is
greater in dry air, less in humid air. By
referring to
a table provided with the instrument, the
relative humidity of the air can be read off
against the true temperature shown on the dry
bulb and the reduction in temperature recorded
on the wet bulb thermometer. The water in the
vessel (D) that keeps the cloth sleeve damp has
to be renewed regularly, and the cloth sleeve
should be changed at regular intervals.
The whirling psychrometer is basically a
similar instrument mounted on a strong frame
pivoted on a handle. It is swung vigorously
through the air before the readings are taken.
10.2.6.7 Rain gauge (Figure 10.13) This is an
instru
ment to measure the amount of rain that has
fallen in a
period, usually a day. It is best to use a rain
gauge
of standard design.
The collecting cylinder (A) beneath the
funnel
(B) collects any rainwater that falls during the
previous
24 hours. To measure the rainwater, the cylinder
(A) is
emptied into the graduated glass cylinder (C),
and the
level read off. After the amount of water

collected
has been written down in the records, the glass
cylinder
(C) is emptied and the apparatus set up again as
shown

in the diagram. The measurements should be taken at the
same time each day. The rain gauge should be sited in an
open area well away from buildings, trees and other
obstructions.
10.2.7

Weather conditions and the application of
insecticides (see also Volume III, Chapter 5) For
applying aerosols, temperatures should be below 25°C.
For aerial applications of insecticides, a
temperature inversion in the atmosphere is required, as
otherwise droplets become scattered over a much wider area
than the target area. Temperature inversions occur from
the evening to soon after sunrise, particularly on
cloudless days (see 10.2.1).
During the application of insecticides from
aircraft, winds should not exceed 8 km/hour (5 mph). For
the application of aerosols from the ground the wind should
not be more than 12 km/hour (7.5 mph), and for spraying
from the ground winds should not be more than 15 km/hour
(10 mph).
An aerial spraying programme should, if possible,
be arranged so that each run of the aircraft is at right
angles to the prevailing wind. The operation should begin
at the downwind end of the spray area, so that aircraft do
not fly into spray from the previous run.
Insecticides should not be applied during rain.
The effect of persistent insecticides is reduced by rain,
even after spraying.
10.3

PREPARATION OF REPORTS

10.3.1

Types of reports

10.3.1.1 Monthly Reports These are written at the end
of each month.
10.3.1.2 Quarterly Reports These cover each 3 month
period. They are more comprehensive than the brief
monthly reports: depending on departmental policy they

may replace the monthly report for the
month in which they are written.
Both these types of report give a
summary of work done in the period covered,
with administrative and technical details.
10.3.1.3Technical or Scientific Reports
These are
visually written by the more senior technical
staff.
They frequently contain detailed descriptions
of tsetse
surveys, ecological investigations and tsetse
control
activities.
10.3.1.4End of Reclamation Season Report At
the end
of each reclamation (or spraying) season
(normally this
is the dry season) a report is made stating
techniques,
area covered, costs and other statistics.
10.3.1.5Annual Reports Such reports are
written by
departmental and section heads (as may be the
policy of
the tsetse control department). The
departmental annual
report will be submitted to the National
Government.
10.3.1.6Handing-over Reports They describe
the duties
of the writer in such a way that another
official who is
replacing him can quickly learn how to do his
job.
10.3.2

Writing a technical report

10.3.2.1 Title page A report should have a
title page (or cover). The title page should
state:
(a)

the type of report (technical,
progress,
etc.)

(b)

the title of the report (what was
done,
where and when)

(c) the name of the person writing
the report
(d)

the writer's post (Tsetse Control
Officer,
Field Officer, etc.) and the

address of
his department

(e) place where the report was
written
(f)

the date when the report was
written
(or typed)

An example of a title page is given in
Figure 10.14.
10.3.2.2 Table of Contents, and Text A long
report
should have a Table of Contents, placed
immediately
after the title page (or cover).
An example of a Table of Contents is
given in Figure 10.15. In this example, single
numbers are put against the main headings, and
two-figure numbers put against sub-headings,
but other systems can be used depending on
departmental policy.
The part of the report which follows
the title page and Table of Contents is called
the text.
An example of the first text page of a
report is given in Figure 10.16.
Different sections of the text are
given numbers and headings, which will also
appear in the Table of Contents.
10.3.2.3 Introduction to report The first
major section
of the report is the Introduction. The type
of informa
tion presented in the Introduction is as
follows:
(a)

background information on the
activities
reported on

(b)

the purpose of the activities
reported
upon

(c)

who conducted the activities

(d) when the activities were carried
out
(dates)
(e)

the order in which the work was
carried
out
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1.

INTRODUCTION

xxxxx ..........................................................................

2.

DESCRIPTION OF THE STUDY AREA
XXXXX .....................................

Fig. 10.16

An example of the first text page of a report.

10.3.2.4 Description of the area If the work
refers to tsetse distribution survey or
control, then the second major section of the
report will be concerned with a description of
the area where the work was carried out.
The following might be included:
(a)

basic geographic features (rivers,
roads,
plains, hill, mountains, etc.),
often
with a sketch map at the back of
the report

(b)

information on climate and weather

(c)

information on the vegetation zone
and
vegetation types (woodland,
grassland,
forest, etc.) which can also be
put into
a map

(d)

information on human settlements,
move
ments and activities (farming,
fishing,
livestock production, etc.) and on
major
human disease problems

(e)

if livestock are present in the
area
details should be given of:
- stock types and
- stock movements
occur, e.g.
migrations
- their influence
populations
- animal disease,
known

densities
if they

on tsetse
if these are

(f)

the distribution and density of
wildlife
(game animals) in the area,
especially
those species which are normally
fed upon
by tsetse

(g)

if the area has been visited
before or if
the area is to be involved in a
tsetse
control campaign, it is essential

to
provide information on tsetse
species and
distribution, possible sources of
tsetse

re-invasion,
and
possible
places
for
making
tsetse
barrier zones.
10.3.2.5
Material, methods and staff
This section
should report on:
(a)

staff (numbers and types)

(b)

vehicles

(c)

equipment used for catching,
studying or
controlling tsetse (hand nets,
traps,
bait animals, insecticide types
and for
mulations, spraying equipment,
etc.)

(d)

how the equipment was used, e.g.
pro
cedures for sampling and
analysing tsetse
collections, dilution of insecticides,
insecticide application
techniques

(e)

safety precautions taken, if
the work
involved the spraying of
insecticides

(f)

type of records kept

10.3.2.6Results All results must be reported
accura
tely and truthfully, however unusual they may
appear to
be to the people who have obtained them.
Much of the detailed information
should be put into maps, diagrams, graphs
and tables, for inclusion at the end of the
report (see also 10.4).
Some information will be entered on to
specially prepared forms, which are issued by
the officer's department. Some examples of
these are:
(a) fly round record sheet
(b) daily trap catch record sheet
(c) monthly analysis of fly round
records
(d) daily analysis of insecticide
trial
(e) consumption of insecticide record
sheet
(f) daily record of dead animals found

in the
control zone.

10.3.2.7Discussion or conclusions Garments
and dis
cussions of the results and of the problems
encountered
can be put into this section. Suggestions for
future
work or follow-up action should be placed in a
Recommendations section.
10.3.2.8Acknowledgements Help given to the
officer
by individuals or departments should be
recorded.
10.3.2.9End of report If the report is a
long and
detailed one, then a list of the books, maps
or other
documents from which the writer has obtained
information
to help him write his report can be given
under Biblio
graphy.
should
report
list.

Below the Bibliography the writer
put his name, the date when the
was completed and a distribution

10.3.2.10

Other useful hints

(a)

Tables and illustrations (maps,
graphs,
diagrams, etc.) should always be
numbered
in correct order and placed at the
back
of the report.

(b)

The scientific (or Latin) names of
animals
and plants should be underlined,
e.g.
Glossina morsitans, Phacochoerus
aethiopicus and Isoberlinia doka.

(c)

Abbreviations for units of
measurement
should agree with those given in
standard
reference books.

(d)

If reports are typed, one and a
half line
spacing should be used and the
margin at
the left hand side of the paper
should
be at least 2.5 cm (1 inch) wide.

(e)

Write or type on one side only
of each
sheet of paper.

10.4

MAPS, MAP MAKING AND ILLUSIRATIONS

Maps and diagrams are very important
to tsetse survey and control personnel, and
most large tsetse departments employ full-tiros
at least one officer for their preparation.
It is equally important for the more
senior technicians of tsetse departments to be
able to construct simple but accurate maps and
diagrams, and to know how to use maps for
planning, recording of information and for
finding one's position in the field (map
reading).
10.4, 1 Types of maps Although there are
many shapes sizes and types of maps, they are
all simplified drawings of a certain part of
the earth's surface as seen from above (a
'bird's eye view').
Printed maps which are widely
available are of three basic types:
(a)

Simple outline maps, providing the
minimum
of geographic information. These
are
often called base maps. These
maps, at
suitable scales, can be useful to
the
tsetse worker for adding technical
infor
mation (distribution of tsetse,
vegetation,
etc.).

(b)

Maps presenting very specific
information
but which exclude much basic
geographic
information. Common examples are
climatic,
geological, population, vegetation
and
economic maps. Some of these
maps, espe
cially those presenting climatic
(rainfall,
temperature, etc.) and
vegetational in
formation, are useful to the
tsetse worker
in understanding the distribution
and
ecology of tsetse species.

(c)

Generalised maps showing such
features as roads, rivers,
lakes, settlements, mountains,
etc. These are called topographical maps, and they are
generally the ones that are
most useful to tsetse workers.

There are also some very specialized
printed maps such as the regional maps of
Africa showing the continental distribution of
the different tsetse species, and the national
tsetse distribution maps which are available
for most countries.
10.4.2 Description of topographical maps
Map sheets generally have the following:
Title (Figure 10.17 iv). This is
often the name of a country,
province or district.
-

Map catalogue reference number
(Figure
10.17 v). This helps people to
select
the map they require from a map
catalogue.
It usually appears in the top
righthand
comer of the map.
Margins and frames (Figure 10.17
ii, iii).

North point diagram (Figure 10.17
vi).
Che arrow labelled Grid North
runs parallel to the north/south
grid lines on the map. Another
arrow, labelled True North, is of
little practical field use. A
third arrow is labelled Magnetic
North; it is the north to which a
compass needle points although it
changes very slightly from year
to year.

Fig. 10.17
sheet;

The lay-out of a typical map
(i) edges of map-sheet; (ii)
margin;
(iii) frame; (iv) title; (v)
map reference number; (vi) north
point diagram (M = magnetic
north; G = grid north); (vii)
key panel containing the legend
for the symbols; (viii) scaleline; (ix) scale as a representative fraction; (x) details of
where, when and by whom the map
was made and printed: details may
also be given of the edition and
of revision.

Symbols. These make up the map itself and
represent the different features that are
found in the area covered by the map. Common
examples are: single lines (rivers), double
lines (roads), dotted lines (paths and
tracks), dots (settlements), circles
(towns).
Contour lines. These are special types of
symbols; they are lines which join up all
places represented on the map which are the
same height above sea level. The heights
represented by the contour lines are
written in as numbers (of metres or feet).
Lines of latitude. These lines run in a
west-east direction across a map, to show
how far north or south of the equator the
place is. Lines are marked in degrees (°)
and minutes (') • The equator is latitude 0°.
Lines of longitude. These lines run in a
north-south direction across a map, to show
how far east or west the place is, in
relation to the Greenwich Meridian, a line
that passes through Greenwich, near London,
England. These lines are also marked in
degrees (°) and minutes ('). Greenwich
Meridian is longitude 0°.
Scales and scale lines. The scale of a map
is the relationship between the distance (in
centimetres or inches) between two places
shown on the map and the distance between
them on the ground (usually in kilometres
or miles). For example, if the distance
between two places is 1 cm on the map and 1
km on the ground, the scale is 1 cm = 1 km.
Since there are 100,000 cm in 1 km, this
scale can also be described as a
representative
fraction (R.F.), as
1 ______ or
100,000
(1:100,000). A scale line is a line on

the map sheet showing the distance on the
ground represented by a length on the map.
In the above example, a scale line of 1
cm would represent 1 km on the ground.
Scales of maps often used for tsetse work
are shown in Table 10.1.
Table 10.1 Scales of some of the maps commonly used
for tsetse work

R.F.

1 inch equals

1 cm equals

1/10,000 *

0.1578 miles

0.1

km

1/50,000 *
1/100,000*

0.8
1.6

miles
miles

0.5
1.0

km
km

1/125,000

2.0

miles

1.25 km

1/200,000*

3.1565 miles

2.0

km

1/250,000

4.0

miles

2.5

km

1/500,000*

8.0

miles

5.0

km

*

Metric series

10.4.3

Practical hints on the preparation of
illustrations (maps and diagrams)
Illustrations are made to record information which would
not be easily understood if it were written down. They
are usually made by the person who collected the information, or if more than one person was involved, by the
senior member of the team.
They should be as clear and as accurate as
possible. Complicated illustrations should be avoided. It
is often better to put part of the information into one
illustration, and part into a second one.

10.4.3.1 Materials
(a) Paper For preliminary sketches
ordinary
paper from notebooks or typing
paper will
be satisfactory. But final
illustrations
should be made on good quality
drawing
paper, tracing paper, white card
or graph
paper. Maps or other large
illustrations
should be drawn on large sheets of
card
or on large rolls of tracing
paper, tracing cloth or graph
paper.
(b) Pencils Pencils are used for
preliminary
illustrations, but not for the
final ones
because pencil marks easily rub
and become
untidy. HB pencils (medium
hardness) are
used. They are sharpened with a
sharp
knife.
(c) Pens Ordinary writing pens are
useful
for preliminary sketches. For
final
illustrations indian ink pens
giving lines
of very uniform thickness are best
(e.g.
Rapidograph, Standardgraph,
Isograph).
0,25, 0.5 and 0.8 mm are the most
useful
sizes for map-making, and are
useful for
other illustrations also, as well
as for
stencilling. The double bow pen
produces
two parallel lines and is
therefore useful
for drawing roads on maps.
(d) Ink
used.

Black indian ink should be

(e) Drawing instruments Field staff
will
certainly require the following:
pens,
ink, pencils, rubber (eraser),
sharp
knife or scalpel, ruler
(preferably metal),

steady table with flat, smooth
top, and
weights for flattening paper on to
the
table. Additional items which
would be
very useful (and essential at
H.Q.) in
clude: drawing board, T-square,
set
square, protractor, pair of
compasses,
set of French curves, assorted
stencils, pen stand, blotting
paper and pantograph (see 10.5).

10.4.3.2 Techniques for map making Having decided
upon the type and amount of technical information to be
included, the map maker should prepare a draft (prelimi
nary) map sketch.
If possible, it is best to construct a new map
on the basis of an existing printed map.
Maps relating to tsetse work can often be
constructed in a fairly simple form (see Figure 10.18).
Symbols representing topographical features
should be the standard ones used on printed maps; symbols
to be used to represent tsetse species are given in
Chapter 4.
Tsetse workers will often have to construct maps
showing different types of vegetation. These can be
represented by dots, small dashes, small circles or
parallel lines (hatching) (see Figure 10.18}.
A 0.5 ran lettering stencil is useful both for
lettering and for drawing tsetse symbols, which take the
form of squares, diamonds, triangles and circles. For
example, the capital A can be used to complete two sides
of an upright triangle; the capital V can be used to
complete two sides of an inverted triangle; the sides of
a square can be drawn using the uprights of the capital
M. The same letter used at an angle of 45° can be used to
draw a diamond shape.
10.4.3.3 Techniques for graph and histogram making
Graphs and histograms should be drawn on graph paper,
Like maps they require a title, and symbols (usually one
or more graph lines), and sometimes a key.
Constant values are entered along the horizontal
axis (the horizontal bottom margin) and variable values
are entered on the vertical axis (usually the left-hand
vertical margin). Examples of constant values are time,
length, volume and dosage. Examples of variable values
are percentages (of males and females, of mortality,
etc.), numbers of flies caught, etc. (see Figures 10.19,
10.20).

Fig. 10.18

An example of a tsetse survey map.

Fig. 10.19

Examples of graphs; A, variation of
temperature with time of day; B, daily
changes in the numbers of flies caught
in traps, after spraying.

Fig. 10.20

Example of a histogram, stowing the
number of males and females in a
sample, falling into the six standard
wing fray categories.

The way to make a histogram from a series of
monthly fly catches is given below (see Figure 10.21).
Suppose that the monthly totals of flies caught
are:
January
February
March
April

May
June
July
August
September
October
November
December

30
25
40
38
53
50
45
41
40
38
37
36

Find the largest of the montly totals. In the
example this is 53 for May. Bound off this number upwards,
making 60.
On the page of graph paper, rule two axes, the
vertical one on the left of the page, the horizontal one at
the foot of the page. Mark out the horizontal scale with
12 narks with equal intervals between them. These
intervals represent the 12 months, and can be labelled
accordingly.
The vertical scale is for representing the
monthly totals. Mark off the vertical axis by equal
intervals, each interval representing 10.
Write in the rounded up total (60) and the
appropriate number against the other marks (10,20,...etc.)
on the vertical scale.
Construct the histogram by:
(i) putting in points corresponding to the
monthly totals

(ii) ruling a horizontal line through
each
point, the width of each month
interval; this is shown as done
for the months January to August,
in Figure 10.21.
(iii) ruling vertical lines from the
ends of the horizontal axis; this
is shown as done for the months
January to May, in Figure 10.21.
10.4.3.4 Techniques for making vegetation
profile
diagrams A vegetation profile
diagram is a drawing of a piece of vegetation
as it would be seen in cross-section. For
example, if one cleared vegetation up to a
given line, what would be seen on the other
side of the line would be the vegetation
profile. Instead, the surveyor moves in a
straight line through a piece of vegetation,
making notes on:
(a) the distances between trees,
shrubs, rocks,
river banks, etc.
(b) heights of different types of
vegetation
(c) stratification of vegetation
(presence or
absence of canopy, emergent trees,
understorey trees/shrubs, grass cover,
etc.)
(d) density of cover.
From the information collected a
vegetation profile diagram can be drawn up.
This can then assist in understanding the
local distribution and resting behaviour of a
particular tsetse species, or it may be used
for planning discriminative and selective
insecticide application procedures.
A vegetation profile diagram consist
of symbols or sketches representing different
types of vegetation, and will have with it a
title, a key to the symbols, scale lines,
explanatory notes and the name of the person
who made the sketch.

Fig. 10.22

Vegetation profile sketches; A, using
simple symbols for different tree species;
B, putting in the shapes of trees, but
diagrammatically (stylised representation);
C, using a more realistic or naturalistic
style.

There are three basic types of
vegetation profile diagrams:
(a) those in which vegetation is
represented in a very symbolized
way. Figure 10.22 A is of this
type. It represents a G. pallidipes
dispersal zone in open woodland
(western Kenya).
(b) those in which vegetaion is
represented in a stylized (seminaturalistic) way. Figure 10.22 B
is of this type. It represents a G.
palpal is riverine forest
habitat (western Upper Volta). On
the right bank there is an obvious
stratification of Khaya {upper
stratum), of
Berlinia and Carapa (middle stratum)
and small trees and shrubs (lower
or understorey stratum). Berlinia provides
most shade close to the water's edge
where the preferred resting sites of
G. palpalis are located.
(c) those in which vegetation is
represented in a more natural way.
Figure 10.22 C is of this type. It
represents a G. tachi-noides
habitat of the west bank of the
River Mekrou (Niger).
10.4.3.5 Techniques for making landscape
sketches For many aspects of tsetse work it is
useful to have a visual record of the landscape
features. The easiest way to record the features
of a landscape is by taking a photograph. Another
way is to make a sketch.
The advantage of landscape sketches are
that they are cheap, immediately available, and
can be made to pick cut special features/that a
photograph might not be able to show so well.
However, persons making such sketches need to
have a basic artistic skill.
Landscape sketches must have titles,
details of who made them, and explanatory notes
relating them to places on a map or an aerial
photograph.

Fig. 10.23

Examples of landscape sketches; A,
showing an escarpment and its vegetation;
B, showing an escarpment, some isolated
hills and lowland thicket (see-text).

Figure 10.23 A shows hilly country drawn
when the observer was on low ground. In the background is
a grass-covered escarpment with two upland gully thickets
(G. pallidipes habitats). The middle distance shows
downland moist thicket on the right (G. pallidipes
habitat), and Acacia woodland (G. pallidipes dispersal
zone). In the foreground is open grassland.
Figure 10.23 B shows a view from the top of a
hill. In the foreground is lowland moist thicket (G.
pallidipes habitat) on the left, and open grassland on
the right. The thicket passes between an escarpment on
the left and hills on the right, into the distance. It
extends into some gullies on the escarpment and at the
base of the nearer hill.
10.5

AERIAL SURVEYS AM) PHOTOGRAPHY AS AIDS IN
TSETSE SURVEY

Aerial photographs are a series of photographs
taken vertically from an aircraft. When fitted together
they give a 'bird's eye' picture of that part of the
country which has been photographed.
A tsetse worker, wishing to make a detailed
map of the vegetation of his area, cannot use smallscale maps without extra help and information. This
extra information can come from aerial photographs.
Aerial photographs may be obtained from government survey departments either on loan or by buying them.
Each photograph is numbered, and has written on it details
of where and when it was taken.
1b use these aerial photographs, they must be
put into the correct order and joined together with
sticky tape on to a sheet of hardboard or plywood. All
photographs should be carefully looked after. If they
are the property of the tsetse department they can be
marked, preferably with the correct type of grease pencil,
but this should be kept to a minimum. It is useful to
cover the series of photographs with a large sheet of
transparent plastic. this sheet can be marked with grease
pencil or felt nib pen, without damaging the photographs
underneath.

Once the survey photogaphs have been correctly
set out and orientated to a base map, the required information (e.g. outlines of vegetation types) can be
transferred freehand or traced on to this map.
In a large office, for example at headquarters,
a pantograph nay be available (a pantograph is a hinged
'arm' of metal or wood, which is used to trace an outline
on one paper, and transfer it on a different scale to
another paper). Also, it is useful if a field officer
can be trained in the use of a stereoscope that can scan
aerial photographs and give more detailed information on
vegetation types.
When mapping vegetation in this manner, vegetation types to be seen on the aerial photographs must be
identified by means of ground surveys. If the investigator is very familiar with the vegetation of the area
he may be able to recognise immediately at least some of
the various plant communities involved.
In the future, increasing use will be made of
satellite photographs to relate fly distribution to vegetation.

INDEX
A

Aardvark 65, 67
Abdomen 4, 5, 6, 13, 14, 164, 165, 167, 173 et seg.
Abortion 29, 134
Acacia 243, 247
Accessory glands 21, 22, 23
Activity 114
Acute disease 83
Aedeagus 13
Aerial photography 242, 243
Aerial spraying 217
Aerosol 117
Age (of Glossina) 87, 137 et seg.
Age estimation 241, 95, 134 et seg.
Alcohol 132
Amino acid 19
Anemometer 219, 220
Angola 39, 43, 50, 58, 186
Animal burrows (see burrows) 101
Animal, models (as traps) 95 et seg.
Antelope 66, 68, 71, 72
Antenna 5, 8, 157
Antennal fringe 160 et seg.
Anti coagulant 15, 17
Anus 13, 17, 20
Aorta 19

A
Arista 5, 8
Artificial refuges 96, 99
Assimilation 19, 27, 30
Availability (of tsetse flies) 121

B
Baboon 67
Bait animals 100, 112, 114, 121
Balance 12
Barometer 220
Base map 231, 248
Behaviour 20, 107
Belt (of tsetse) 38
Benin (Rep: of) 50, 186

Bias (of sample) 119, 120
Bibliography (in reports) 220
Bicycle chanter 118
Biology 3
Birds 68
Biting flies 2
Blood (of tsetse) 19
Blood meal 4, 13, 15, 17, 19, 26, 30, 63 et seg.
76, 102, 141 et seg.
Blood system (of tsetse) 19 Body
(of trypanosome) 69, 70, 71 Botswana
39, 50, 58, 60, 183 Bouin's fluid
131, 132 Bovidae (bovids) 66, 67
Bovines 71, 72 Brain 21
Breathing (of Glossina) 29
Breeding sites 91

B
Brucei group 76
Bruoei subgroup 76
Bruoei type (of life cycle) 78, 79
Buffalo (= bush cow) 63 et seg., 71
Burrows 91, 101
Burundi 39, 50, 186
Bush cow (see Buffalo) 63 et seg., 71
Bush pig 64, 65, 73
Bushbuck 63 et seg.

c
Cage 124 et seg.
Camel 71, 73, 74
Cameroon 43, 51, 186
Canada balsam 137, 211
Canopy 243
Capillaries 15
Carbohydrate 19
Carbon dioxide 20, 97
Caustic potash 132
Cell 12, 154
Central Africa 80
Central African Republic 43, 51, 186
Chad 31, 43, 51, 186

Challier trap 96, 97
Chloroform 128
Chorion 24, 27
Choriothete 25
Chronic disease 83
Claw 11, 12
Collection (of flies) 93
Collection (of pupae) 97
Colour 4, 164
Compass 232
Compound eyes 4, 5
Concentration area 121
Congo (Rep: of) 51, 186
Congolense group 76

c
Congolense type (of life cycle)
78, 79 Contour line 234
CORMORANT

68

Coxa 11, 12
Crocodile 69
Crop (of Glossina) 16, 17
Cuticle 4, 9
Cyclical transmission 79
Cyclical development (of tryps)
77 et seg.

D
EOT 118
Diagram making 235
Diffusion 20
Digestion 17, 19, 27, 30
Digestive system 15 et seg.
Dilution 229
Discriminative spraying 243
Disease 63 et seg.
Dispersal (of tsetse)
Dissection 133, 150, 206
Dissecting instruments 206, 207
Distribution 38 et seg., 58 et seg.
Dog 72, 74
Domestic animals 63 et seg.
Domestic pig 65, 73, 83
Donkey 71, 74, 83
Dourine 74
Down current 215
Draught oxen 1
Drawing materials 235
Drug 1, 2
Ducts 21
Duiker 64, 66, 68
Dung 97
Duttonella 76

E
East Africa 80
Ecology 3
Ecological opportunity 88
Economic development 1
Egg 23, 24, 26, 134
Egg tooth 27
Eland 66
Electric trap 98
Elephant 65, 67
Emergence 7, 30
Emigration 1o8
Endemic disease 1
Endocrine system 21
Energy 19, 20
Enzyme 19
Epidemic disease 1, 2, 80, 82
Equatorial Guinea 52, 182
Equines 71, 72, 74
Eradication (of fly) 2
Escarpment 245, 246
Ether 128
Ethiopia 39, 43, 46, 52, 58, 60, 175
Ethyl acetate 124, 128
Evergreen forest 60
Excretion 19, 20
Eye 4, 5, 202
Eye piece 204, 205

F
Faeces 17, 20
Fat 19
Fat body 20
Feeding 1, 9, 15
Femur 11, 12
Fertilizer 21, 24
Fixed-wing aircraft 222
Flagellum 69, 71
Flotation (method of collecting pupae) 92
Fluorescent powder and paint 101
Fly belt 38, 60, 74, 89, 118
Fly round 110 et seg., 120, 121
Focus (for disease) 80
Focussing 207
Following swarm 102
Forceps (dissecting) 207
Food 19, 20, 60
Food canal 9
Food storage 20
Frost 58
Fusca group 46, 49, 51, 88, 98, 156, 157

G
Gabon 43, 52, 186
Gallery forest 43, 46, 60
Gambia 52, 186
Gambian sleeping sickness 1, 80, 82
Game animals 39, 60, 61, 82, 89
Ganlion (of tsetse) 21
Geigy cages 124
Genitalia 13
Germs 33
Ghana 52, 186
Giant forest hog 65
Giraffe 64, 68, 71
Glossina
austeni 35, 36, 42, 43, 53 et seg.,
58, 60,64 et seg., 164 et seg., 193, 197
brevipalpis 35, 37, 46, 48, 52 et seg., 65 et seg.,
88, 97, 98, 157, 162 et seg., 199
caliginea 35, 36, 43, 51, 52, 54
fusca 36, 46, 51 et seg., 64 et seg., 88, 121
fusca fusca 35
fusca congolensis 35
fuscipes 33, 36, 43, 44, 46, 50 et seg., 64,
66 et seg., 80, 88, 97, 103, 120, 121,
157 et seg., 194, 197
fuscipes fuscipes 35
fuscipes martini 35
fuscipes quanzensis 35
fuscipleuris
seg.

36, 46, 51, 56, 57, 65, 67, 176 et

G
Glossina (cont'd)
haningtoni 35, 36, 46, 51, 52, 54, 56
longipalpis 35, 36, 41, 50 et seg., 64, 66, 87, 89
120 et seg., 196 longipenis 35, 37, 43, 47, 52,
53, 56, 60, 65, 67,
68, 88, 157 et seg., 198 medicorum 35, 37, 46,
51 et seg., 98 morsitans 24, 26, 27, 33, 36, 39,
40, 50 et seg.,
63 et seg., 80, 87 et seg., 97 et seg., 103, 107,
119, 120, 135, 157 et seg., 191, 196, 197
morsitans centralis 35, 39 morsitans morsitans
35, 39 morsitans submorsitans 35, 39, 68 nashi 34,
35, 37, 46, 51, 52 nigrofusca 36, 51 et seg.
nigrofusca hopkinsi 35 nigrofusca nigrofusca

35

pallicera 36, 43, 50 et seg. pallicera newsteadi
35 pallicera pallicera 35 pallidipes 35, 36, 39,
41 50 et seg., 64, 66, 80,
87, 89, 97, 99, 120, 157 et seg., 190, 196 palpal
is 33, 36, 43, 44, 46, 50 et seg., 64, 66
et seg., 87, 88, 97, 105, 120, 121, 137, 157

et seg., 198 palpalis
gamdiensis 35
palpalis palpalis

schwetzi

35

35, 36, 46, 51, 52, 56, 162

G
Glossina (cont'd)
severini 35, 37, 56
swynnertoni 35, 36, 40, 53, 55, 64, 65, 66, 68, 80,
89, 107, 135, 162 et seg., 192, 197
tabaniformis 35, 36, 46, 51 et seg., 65, 66, 68,
159 et seg. tachinoides 35, 36, 43, 45, 50 et
seg., 60, 64,
66 et seg., 87, 88, 97, 114, 120, 157 et seg., 195
vanhoofi 35, 37, 56 Glucose

147 Goat 83, 124 Gorged

105, 106 Graphs 237, 239 Grid north 232, 233 Growth
20, 27 Guinea 43, 53, 186 Guinea pig 124 Guinea
Bissau 53, 186

Haemolymph 19, 21
Halteres 12
Handlens 34, 101, 157, 202, 203
Harristrap 95, 96
Hartebeest 68
Hatchet cell 12, 153, 154
Haustelloum 9, 10
Head 4, 158
Head-up position 107
Heart 19
Hectors 13, 14, 101
Hind gut 17, 20
Hippopotamus 65, 67
Histogram 117, 240 et seg.
Hormone 21
Horse 71, 74, 82, 83
Host animals 26, 63 et seg., 76, 124, 144 et seg.
Humidity 60, 123, 124, 215
Hunger staging 103 et seg., 115, 122
Hungry flies 93, 98, 107, 121
Hygrometer 219
Hypopharynx 9, 10, 11, 15, 148 et seg.
Hypopygium 13, 14, 101, 150, 210, 211

I_
Identification 32
Illustrations (drawing of) 235 et seg.
Immersion Oil 210
Impala 68
Indian ocean 39, 58
Infection rate 86 et seg., 137, 149 et seg.
Inferior claspers 13, 14, 168, 171, 211, 212
Ink 236
Insecticide 123, 124, 221
Insemination rate 132, 133
Instar 26
Intermadiate 106
Isoberlinia 231
Ivory Coast 53, 186

J
Jack trap 96, 97

K
Kalahari sands 60
Kenya 39, 43, 46, 53, 58, 60, 179
Key (for identification of Glossina species) 156 et seg.
Killing bottle 128
Kinetoplast 59
Knapsack sprayer 118
Kudu 63, 64, 66

L
Labelling (of insect specimens) 130
(of insecticides) 92, 129 et seg.
Labellar teeth 9, 15 Labium 9, 10, 11
Labrum 9, 10, 11 Lake Tanganyika 46
Lakeshore 46 Lake Victoria 39 Landscape
sketches 245 et seg. Langridge trap 96, 97
Larva 13, 20, 21, 23, 24, 26, 28, 134
Larviposition 25, 27, 29 Latitude 234 Leg
9, 11, 12 Lens 5, 101, 157, 202, 203
Liberia 53, 186 Longitude 234

M
Machado's fluid 132
Maceration 132
Malawi 39, 53, 183
Mali 43, 54, 186
Malpighian tubules 17, 19, 20
Mammal 73, 74
Man 63, 64, 67, 69, 73, 80, 83
Man-fly contact 80, 82
Mangrove swamp 39, 43
Maps and map making 231 et seg.
Maps (base) 231
Maps (topographical) 232
Map-making 231
Marking flies 107 et seg.
Mating 13, 24, 26
Maxillary palps 9, 10
Mechanical transmission 73, 74, 89 et seg.
Median lobes 165, 166
Mesonotal suture 154, 155
Meteorology 213 et seg.
Meteorological instruments 217
Microscope 202 et seg.
Microscope (dissecting) 204
Microscope (compound) 208
Microscopy 34, 69, 131 et seg., 150 et seg., 202 et seg.
Midgut 17, 19, 72, 73, 153
Milk gland 23, 24, 27
Miombo 61

M
Molootrap 96, 97
Monitor lizard (Varanus) 69
Morphology (of trypanosome) 69
Morris trap 96
Morsitans group 35, 39, 50 et seg.,
89, 157
Mounting (for microscopy) 212, 213
Mouth 27
Mouthparts 9, 10
Movement (of tryps) 71
Movement (of tsetse) 4
Mozambique 39, 43, 46, 54, 58, 183
Mule 71
Muscles 41, 20, 21, 30
Muturu 2, 86

N
Nagana 82, 86
Names (of species) 33, 35
Namibia 183
Nannononas 76
N'Dama 2
Nets 93, 94, 99, 102, 114
Nervous system 20, 21, 79
Neutralisation 211
Niger 186
Nigeria 39, 43, 54, 186
Non-teneral flies 30, 102, 115
North point 233
Nucleus 69

o
Objective lens 208, 209
Ocelus 5

Oesophagus 15, 16
Olfactory pits 7
Ommatidia 5
Opaque 105
Opportunistic feeding (see ecological opportunity)
Ostrich 68
Ovarian analysis 139 et seg.
Ovariole 23
Ovary 23
Oviduct 23, 24
Ovulation 24
Ox 63, 64, 65

Ox (as food for tsetse)
Oxygen 19, 20

63, 64, 65

p
Paint 102
Palpalis group 43, 50 et seg., 69, 80
Pantograph 248
Paper (for illustrations) 236
Paradichlorobenzene 131
Parasites (of tsetse) 91
Pathogenic (trypanosomes) 69
Pen (for illustrations) 236
Pencil (for illustrations) 236
Penis (see aedeagus) 13, 14, 23, 26
Peritrophic membrane 17
Pharynx 15, 16
Photograph 245, 247
Physiology 15
Picket 117 et seg.
Picric acid 132
Pig (see domestic pig, Suidae) 65
Pig family 64, 65, 72, 75, 82
Pinning (of insect specimens) 128
Oikymorphic trypanosomes 71
Polypneustic lobes 27, 29
Pooter 127
Population (of tsetse) 108
Porcupine 64, 65, 68
Post spray run 97
Precipitation 215
Pregnancy 25, 99
Pregnancy rate 132 et seg.

p
Preservative 131
Pressure (of atmosphere) 214
Proboscis 9, 15, 72, 73, 77, 98, 149 et seg.
Protein 19
Protozoa 69
Proventriculus 15, 16, 17, 149
Psychrometer (whirling) 223
Ptilinal suture 7
Ptilinum 7, 8, 28, 30, 103
Pulvillus 11, 12
Pump 118
Pupa 28, 29, 58, 77, 91 et seg., 123, 130
Pupal period 92
Puparium 29, 30, 91, 130

R
Rabbit 124
Radiation 213
Rain 215, 126, 222
Rain forest 39, 43, 46, 88
Rain gauge 219, 221
Rearing (of tsetse) 132

Reclamation 110, 223
Rectum 17
Red river hog 63, 64, 65
Reflecting paint 102
Refuges (see artificial refuges) 98
Repair 20
Replete 106
Reports (writing) 222 et seg.
Reproduction 21, 31
Reproductive system 21, 22
Reptiles 64, 65, 69
Reservoir (of infection) 84 et seg.
Resistance 2, 89
Respiration 19
Resting flies 93, 101 et seg., 145
Resting sites 102
Rhinoceros 64, 67
Rhodesian sleeping sickness 80, 82, 85
Rinderpest 60
Rot holes 101
Ruminants 71, 72
Rwanda 39, 54, 186

s
Saliva 9, 15, 76
Salivary gland 15, 73, 149 et seg.
Sampling 119 et seg.
Scale 234, 235
Scissors (dissecting) 207
Screen 99, 112
Scutellar bristles 154, 155, 162
Segments 13
Selective spraying 243
Senegal 43, 54, 186
Sense organs 20
Sensillum 7
Setting (up of insect specimens) 128
Settlements 110
Sex determination 13, 14, 101 et seg.
Sex differences 22, 32
Sex ratio 121
Shade 245
Sheep 83
Side effects (of insecticides) 3
Sierra Leone 55, 186
Sieve 91
Simple eye 7
Size of tsetse 101, 154
Sleeping sickness 1
Smell (sense of) 7
Somalia 39, 43, 46, 55, 60, 175

S
s
South Africa 43, 46, 55, 183
Species 32, 33
Species group 34
Sperm 21, 24, 26, 133, 134
Sperm pump 21, 23
Spermatheca 23, 24, 26, 133
Spermathecal ducts 24, 26, 133
Spiracle 12, 13, 19, 20, 27
Squamae 161, 173
Stain 71
Stereoscope 248
Sticky trap 99
Stomoxys 89
Storage (of pupae) 92
Storage (of adult flies) 130, 131
Strain (of tryps) 76
Stress 86
Structure 3
Subspecies 32
Suda- 39, 43, 46, 55, 58, 175
Suidae (pig family) 65
Superior claspers 13, 14, 26, 165 et seg., 212
Surra 74, 89
Survey 238
Swaziland 55, 183

s
Swynnertoni trap
45, 96 Symbols (for
species) 36
Symptoms 99
Systematic 32 et
seg.

T
Tabanidae (tabanids) 72, 74, 89
Tagging (see marking) 107 et seg,
Tanzania 39, 43, 46, 55, 179
Tarsus 11, 12, 164
Temperature 23, 30, 39, 58, 61, 80, 88, 114,
123, 124, 214
Temperature inversion 214, 222
Teneral fly 13, 30, 31, 103, 115
Tergite 13 Testis 21, 22 Thecal
bulb 9, 159 et seg. Thermal
(wind) 215 Thermometer 217
Thermometer (maximum and minimum) 217
Thermometer (soil) 218 Thermometer (wet
and dry bulb) 218 Thicket 60
Thorax 4, 9, 21, 160, 161
Tibia 11, 12 Togo 56, 186
Topographical maps 232 et seg.
Tracheae 19 Traffic 117, 118,
119 Training 1, 3
Transmission (of disease) 4, 85
Transcuscent 105

T
Traps 93 et seg.
Trees and tree trunks 39, 60, 101
Troch anter 11, 12
True north 232, 233
Trypanosoma 1, 2, 69 et seg., 98, 149 et seg.
brucei 71, 73, 76, 77, 79, 82, 83, 87, 89
congolense 72, 76, 79, 82, 83, 87, 89, 90
equiperdum 74
evansi 74
gambiense 71, 73, 76, 79, 80, 82, 83
rhodesiense 71, 73, 76, 79, 80, 83, 85
simiae 73, 76, 79, 82, 83
suis 75, 79, 82, 83
theileri 72
uniforms 72, 76, 77, 82, 83
vivax 72, 76, 77, 82, 83, 87, 89, 90
Trypanosomal fever 79 Trypanosome (see
Trypanosoma) Trypanosomiasis, human 1, 2,
3, 79, 81
animal
Trypanotolerant cattle 2, 86
Trypanozoon 76 Tsetse (see
Glossina) Type specimen 33

u
Uganda 39, 56, 80, 179 Ultra
violet lamp 102 Undulating
membrane 69 Upper Volta 39,
56, 186 Uterine gland (see
milk gland) Uterus 23, 24,
26, 134

V
Varanus (see monitor lizard) 69
Vector 72, 74
Vegetation 59, 60, 110, 112, 228, 248
Vegetation profile diagram 243 et seg.
Vehicle 98, 117
Vehicle chamber (at picket) 117, 118
Vehicle (as trap) 98
Vein (see wing vein) 11, 155, 163
Vivax group 76
Vivax type (of life cycle) 77, 78
Vulva 13, 14, 24, 25, 29

W
Warthog 63, 64, 65, 73
Waterbuck 68
Watershed 39, 58
West Africa 39, 43, 58, 60, 61, 80
Wildebeest 63, 68 ' Wildlife 228
Wind 214 et seg. Wing 4, 9, 12, 30,
154 Wing cray 12, 98, 135 et seg.
Wing vein 11, 155, 163 Winter 39,
58

Z
Zaire 39, 43, 46, 56, 186
Zambia 39, 57, 58, 60, 183
Zambezi 80
Zebra 63, 68, 71
Zebu 82
Zimbabwe 39, 43, 57, 58, 60, 183
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